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    ABSTRACT 
DESIGN, SYNTHESIS AND APPLICATION OF JANUS 
  GOLD NANOPRISMS FOR DIRECTED SELF- 
ASSEMBLY 
 Md. Emtias Chowdhury 
November 23, 2020 
 Colloidal Janus particles that possess more than one type of surface chemistry or 
functionalities have drawn significant interest due to their enormous potential in 
bottom-up synthetic strategies for complex superstructures. Moreover, the property of 
molecular recognition, tunability, and predictability of the DNA-mediated interactions 
enable a high degree of control over particle assembly to generate highly ordered 
nanostructures with emergent applications. In this dissertation, we present our works 
on the synthesis of Janus particles from anisotropic gold nanoprisms, and DNA- 
mediated assembly of nanoprisms and polymer beads in four major areas: 1) Facet 
selective asymmetric functionalization of gold nanoprisms for Janus particle synthesis, 
2) Synthesis and plasmonic properties of nanoprism dimers and trimers,  3) DNA 
mediated hierarchical organization of gold nanoprisms into 3D superlattices
viii 
 
and their application in Surface-enhanced Raman scattering (SERS) and Fluorescence, 
and 4) DNA induced assembly of nanoprisms and polystyrene beads into 3D SERS 
substrates. 
 The first set of Janus particles, consisting of gold nanoprisms coated with 
hexadecane and DNA dynamically align themselves at the interface of a water-
chloroform mixture. The Janus character of a second set of Janus particles 
functionalized with PEG and DNA is confirmed by the selective attachment of gold 
nanoparticles to the DNA-containing facets of Janus nanoprisms. The presence of two 
mutually exclusive coatings on the opposite major facets of nanoprisms allows the 
formation of nanoprisms dimers and trimers, which exhibit distinctly different 
plasmonic properties from their monomer counterparts. 
 Furthermore, anisotropic nanoparticles associate in a manner that ensures 
maximum hybridization interactions. DNA-induced and shape directed face-to-face 
assembly of anisotropic gold nanoprisms leads to the formation of nanoprism 1D 
stacks, which are then assembled into 3D nanoprism superlattices using a near-Tm 
thermal annealing approach that promotes long-range DNA-induced interaction and 
ordering. 
 Finally, we fabricate a large area SERS substate via a two-step DNA mediated 
assembly of gold nanoprisms and polystyrene beads into a large ensemble of beads, 
which consist of 20-50 nanoprism-coated beads. An excellent enhancement factor 
(EF) of 1.09 × 105 and a very high detection sensitivity (up to 10-10 M) are observed 
for the analysis of a probe molecule (Methylene blue) using the SERS substrate.
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CHAPTER 1  








     With the increasing need to derive low dimensional functional nanomaterials, the 
concepts of rational design and creation of novel and complex hierarchical 
nanostructures are continually attracting intense interest.1 Nanoparticles or 
nanocrystals are one of the most promising and attractive building blocks for 
architecting complex nanostructures due to their unique size- and shape-dependent 
functional properties and potential applications in various fields such as biomedicine, 
optics, catalysis, and electronics.2-3 The full exploitation of such unique capabilities of 
nanoscale objects lies in the spatial organization or assembly of these building blocks 
with a high degree of direction and control.4-5 Directed assembly is a self-assembly 
approach that provides an efficient strategy of organizing nanoscale and microscale 
building blocks into crystalline, patterned or other higher order functional materials 
with a greater control in orientation and placement.6-7 Many directed-assembly 
techniques including the use of pressure gradients, magnetic fields, electric fields, 
electron beams, lights and lasers, liquid–liquid interfaces, and template-guided 
assembly have been introduced to generate ordered nanoparticle superstructures. 8-13 
However, all of these strategies have limits in the control of particle placement and 
interparticle distance, and very often result in nanoparticle superlattice without well- 
defined, predictable and programmable crystal lattices. In contrast, DNA-mediated 
assembly represents a significant advance in the bottom up engineering of 
programmable atom equivalent nanoparticle superlattices due to the exceptional 
molecular recognition, tunability, and predictability of DNA mediated interactions, 
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which enable a high degree of control over particle assembly to generate various 1D , 
2D , and 3D nanostructures with well-defined crystal symmetry and tunable 
interparticle distance.14-15  
 So far, a diverse range of structural and functional building blocks have been 
reported to construct various functional metamaterials through directed assembly. 
Some of the most commonly used building blocks are small organic molecules, 
peptides, macrocycles, polymers, and metallic nanoparticles.6, 16-20 However, there is 
still a lack of versatile building blocks that are bifunctional in nature or that take 
advantage of shape anisotropy and undergo asymmetric self-assembly or directed self- 
assembly.  
 Furthermore, the surface modification of nanoscale objects may not only modify 
the surface properties, but also yield new properties in nanoparticles for various 
applications.21-22 Asymmetrically functionalized Janus particles from metal 
nanoparticle cores containing two or more different chemical functionalities are of 
increasingly significant interest, because of their wide range of potential applications 
as surfactants, emulsifiers, water-repellent coatings, building blocks for directed self-
assembly, biphasic catalysts, drug delivery vehicles, biomedical imaging and sensing 
contrast agents, and high-throughput immunoassay components.21, 23  
 Despite the significant progress in the design and synthesis of Janus particles, the 
majority of synthesis approaches are based on the surface modification of spherical 
core nanoparticles. There is still an urgent need for the development of more effective 
synthetic protocols and creation of more complicated Janus nanostructures from 
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anisotropic core particles. The objective of this dissertation is to develop a facile 
method for controllable asymmetric surface encoding of anisotropic gold nanoprisms 
for Janus particle synthesis and to demonstrate the utility of the asymmetric 
functionalization strategy to generate bifunctional building blocks for regioselective 
synthesis of nanoprism dimers and trimers through DNA-induced directed assembly. 
Additionally, another major goal of this study is to investigate how the shape of 
anisotropic nanoparticles directs and size variation affects DNA-induced 3D 
hierarchical self-assembly of nanoparticles as well as to understand DNA induced self-
assembly and interaction between anisotropic nanoparticles and polymer beads. 
Finally, the study also aims to understand the plasmonic properties of targeted 
nanostructures such as dimer and trimer of nanoprisms and asses the applicability of 
3D nanostructure of anisotropic nanoprisms and polymer beads as surface-enhanced 
Raman scattering and surface-enhanced fluorescence substrate. 
1.2 Gold nanoprisms  
 Gold triangular nanoprisms, also known as gold nanoplates, have recently drawn   
significant interest due to their photo-thermal ability in the near infrared (nIR) region, 
ease of surface modification and unique architecture dependent properties.24-28 The 
triangular prisms, which are a geometrically sophisticated 2D nanostructures, have a 
high aspect ratio and drastically different local curvatures, i.e. flat surfaces and sharp 
tips. The multivalent structural features of nanoprisms, which are beyond those of 
symmetric nanoparticles (nano-spheres), make them promising building blocks for 
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engineering novel materials and complex nano-architectures with hitherto 
undiscovered collective phenomena.29-31 
 Nanoprisms typically have a triangular prismatic shape with congruent edge 
lengths (l) in the range of ~40 nm-1 m, and a thickness of ~5-40 nm (Figure 1.1).32 
Gold nanoprisms contain sharp edges and pointed or rounded vertices, which confine 
electromagnetic fields on the particle and contribute to the nanoprism electronic and 
optical properties.33 The strong enhancement in the vicinity of the nanoprisms sharp 
edges make the localized surface plasmon resonance (LSPR) band tunable throughout 




Figure 1.1: A) Dimensions of gold nanoprisms, B) Nanoprisms with 




and tip morphology.32, 34 For instance, the LSPR band becomes blue shifted for 
nanoprisms with rounded tips while larger edge lengths red-shift the LSPR.35 
Architecture dependent plasmonic properties of nanoprisms can find applications in 
plasmonic sensing-based molecular diagnostics, surface-enhanced spectroscopies 
(surface enhanced raman scattering, surface enhance fluorescence, surface enhanced 
infrared absorption), the synthesis of metamaterials, and photonics.36-37 
Additionally, nanoprisms also have two extended, atomically flat major facets. As a 
result, they are essentially two-dimensional bifunctional nanoscale objects, which are 
quite unique among anisotropic structures synthetically available today and can be 
manipulated for various molecular and supramolecular assemblies due to their 1) flat 
surfaces with abundant surface area, which allows numerous ligand interactions and 
provides enhanced binding strength, 2) the ability to accommodate effective local 
concentrations of coating ligands due to slow ligand exchange on flat surfaces, 3) 
preferential shape-directed face-to-face association or lamellar arrangement of 
nanoprisms, which allows maximum ligand interactions.24, 29, 38-41  
 nIR-absorbing gold nanoprisms, in particular, are a highly sought-after synthetic 
target for their application in biomedical imaging, diagnosis, and photo thermal cancer 
therapy. A variety of synthetic methodologies including seeded growth methods, 
thermal reduction approaches, biological methods, electrochemical, and 
photochemical approaches and quite recently plasmon mediated synthesis have been 
developed to synthesize gold nanoprisms, since the first report by Milligan and 
Morriss in 1964.32, 42-49 Most of the synthetic approaches require the use of toxic 
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surfactants such as Cetyl Trimethyl Ammonium Bromide (CTAB) or 
Polyvinylpyrrolidone and rely on multi-step seeding approaches. Moreover, in most 
cases, a lack of a clear understanding of the growth mechanism, low morphological 
yield (lower than 70%) as well as the difficulty in synthesizing smaller nanoprisms 
have hindered the development of nanoprisms for practical applications.43 One of the 
promising synthetic approaches to generate nanoprisms with controlled size and high 
yield is the Diasynth method, which employs a regenerated cellulose membrane 
(RCM) with a specific molecular weight cut off (MWCO), e.g. 15 kDA, as a reaction 
vessel, and proceeds through reducing chloroauric acid with sodium thiosulfate.50-52 
By varying the concentration of chloroauric acid and sodium thiosulfate, nanoprisms 
with sizes ranging from 60-200 nm can be synthesized. One of the drawbacks is the 
presence of byproduct colloidal nanoparticles (diameters = 2 - 10 nm) and pseudo-
spheroid particles, with diameters near 30 nm produced by this method. We found that 
two successive centrifugal washes at 180-200g for 30 mins can remove over 99% of 
colloidal contaminants, thereby significantly increasing the purity of the nanoprisms. 
1.3 Janus Nanoparticles  
 Janus particles are colloidal building blocks consisting of at least two surface 
regions that exhibit different chemistry, functionality and/or directionality derived 
from the anisotropy or asymmetry within a single set of particles.53-54 While Janus 
particles might possess a broad range of architectures, different chemical natures, and 
sizes varying in the range of a few nanometers up to tens of microns, they share a 
common trait of assuming an asymmetric and anisotropic structure stemming either 
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from surface modifications of particles called patchy Janus particles or multiple phase-
separated regions in the core of the particle called compartment Janus particles.54-55 
From a scientific perspective, the characteristics of Janus colloids fall in both 
microscopic and macroscopic realms. Their size is small enough to be thermally 
perturbed, but on the other hand, their Brownian motion is slow enough and suitable to 
be monitored real time with optical microscopy.56 Like in atomic and molecular 
systems, the predominant particle interactions governing colloidal systems include 
Van der Waals, electrostatic and dipolar interactions.36, 55 
 The presence/coexistence of different attributes or asymmetric features within a 
single particle confers the ability of directional interactions or side selective reactivity 
to the Janus particles, with potential applications in diverse areas such as 
surfactants/emulsion stabilizers, biosensor, catalysis, display coatings, drug delivery, 
biomedicine, and nanomotors.36, 53, 55, 57 Additionally, polymeric Janus particles with 
two chemically different and incompatible facets can interact with each other in 
response to changes in their environment, i.e. changes in solvent and heating 
conditions, and undergo hierarchical self-assembly to create complex superstructures 
with novel applications.58-59 
Synthesis of Janus particles is carried out via either surface modification or 
compartmentalization. Surface modification involves asymmetric surface modification 
of isotropic particles while compartmentalization involves synthesizing particles with 
anisotropic or asymmetric shapes and/or compositions. 
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 Since the first report of the synthesis of Janus particles (asymmetric 
poly(styrene)/poly(methyl methacrylate) lattices in 1985),60 many synthetic pathways 
have been developed for the preparation of Janus particles including metal 
evaporation,58, 61 emulsion methods,62-63 layer-by-layer self-assembly,64 biphasic 
electrified jetting,65and microfluidics.66-67 Despite the disparity in various synthetic 
approaches, synthesis of Janus particles can be broadly classified into three categories: 
Self-assembly, Masking, and Phase Separation. Figure 1.2 provides a schematic 
representation of the three main categories for synthetic methods of Janus particles.  




1.3.1 Masking at interfaces 
 The simplest way to introduce asymmetry to a symmetric object is to 
chemically modify one discrete portion of the object while the other portion is 
prevented from modification.53 This is accomplished by discretely masking one 
part of the object of interest and keeping it unexposed to surface coatings while 
leaving the other part available for surface modification. The first example of this 
asymmetric functionalization approach was to deposit a monolayer of isotropic 
particles on a solid support and then functionalize their exposed areas.68 Various 
methods that have been reported/devised for immobilizing particles on a solid 
surface including simple physisorption,69 sticky gels,70 covalent interaction,71 wax-
droplet,72 and embedding in films73-74. There have also been several different 
strategies adopted to functionalize the particles deposited/embedded on a solid 
surface. Some of the functionalization processes include, but are not limited to, 
microcontact printing,75 plasma treatment,76 reactive etching,77 sputtering,78 
glancing ion deposition,79 polymer chain photo-grafting,80 and attachment of 
metallic nanoparticles81. Although the majority of earlier reports on Janus particles 
created following this strategy focused on micron size particle deposition, some 
recent studies reported the synthesis of Janus particle with sizes down to 20 nm.82 
Moreover, a range of non-spherical and well-defined Janus particles, for example, 
hybrid organic and inorganic Janus rods, have also been synthesized using a 
masking and de-symmetrization approach, where materials were sequentially 
deposited inside channels of two dimensional arrays of cylindrical pores of a thin 
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film template and then the Janus particles were collected by dissolving the template 
into solvent.83-84 Despite a wide range of well-defined and non-spherical Janus 
particles having been synthesized, low yield of Janus particle produced by the 
methods described above have limited and hindered their use for large scale 
applications.  
1.3.2 Phase separation 
 Another effective way to impart asymmetry into isotropic particles is utilizing 
the incompatibility of two immiscible substances.53, 85 The principle behind this 
approach is to create a single set of particles with two different phases from two 
immiscible liquids and then create Janus particles by inducing phase separation. 
Incompatible surface coatings can be introduced into a single particle in various 
ways and hence a wide range of Janus particle consisting of inorganic, organic and 
polymeric substances can be readily synthesized.85 For example, Janus particles 
with incompatible polymer blends as well as hybrid polymeric inorganic or 
organic-inorganic substances have been synthesized by solvent evaporation, which 
induced organic–inorganic dual phase separation within the polymer.86 
 Emulsion, which is an effective method to confine water insoluble polymers in 
a very small space, has been employed to synthesize polymeric Janus particles. The 
size of the droplets in the emulsion controls the dimensions of the resultant 
particles. The first emulsion-based Janus particle synthesis from a mixture of PS 
and PMMA polymer was developed by Okubo and coworkers.87 Polymer mixtures 
were confined within micrometer sized droplets of toluene in water and slow 
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evaporation of organic solvents induced the phase separation of the two polymers, 
which led to separation of distinct PS and PMMA regions inside the particle. This 
concept of phase separation of two homopolymers was extended even further to 
create magnetic Janus particles. Gao and coworkers synthesized Janus particles 
consisting of magnetic nanoparticles in one hemisphere and poly(styrene)-block-
poly (allyl alcohol) in another.88 Evaporation of the organic solvent promoted 
precipitation and reversible aggregation of nanoparticles from the polymer and thus 
separation of nanoparticles and polymer within the Janus particles. Microfluidic 
techniques have also been utilized for phase separated Janus particle synthesis.89-90 
The principle of this technique lies either in the development of double emulsion 
droplets or creating a biphasic mixture of monomers, and co-extrusion and 
breaking of the mixture into a single emulsion droplet.74 In both cases, asymmetric 
droplets are allowed to solidify by inducing polymerization of monomers of 
droplets with UV-irradiation or thermal energy.91 Biphasic electrohydrodynamic 
co-jetting is another elegant and effective technique to fabricate multiphase Janus 
particles.92 This method is based on the application of a high electric field on two 
polymer solutions flowing parallel in a needle. Due to the intense electric field, 
their interfacial tension leads to formation of micrometer sized droplets. The rapid 
and instantaneous evaporation of the solvent induces solidifications of nonvolatile 
components and thus generates Janus particles with two compartments.  
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1.3.3 Self-assembly  
 Although bottom up self-assembly of block copolymers is an elegant strategy 
to create a wide range of precisely defined nanostructures, the use of self-assembly 
has been mostly limited to formation of nanostructures which are symmetric.53, 57 
Synthesis of nanostructures with broken symmetry via self-assembly of copolymers 
has been limited. Over the years, a number of strategies have been developed to 
break symmetry in self-assembly processes and generate Janus particles via self-
assembly. These methods are mostly based on the co-micellization of two AB and 
BC block copolymers in a solvent not favorable to the B block of the polymers.53, 85 
The resultant micelles contain an insoluble core made from B blocks and a 
separated corona of A and C blocks. The formation of single population micelles is 
dependent on the right balance of opposing forces and low incompatibility of two 
blocks. In order to avoid the incompatibility issue, mixing of two AB and CD 
polymers, where B and C can interact to form micelle core has been introduced.93 
Another alternative to this method is to replace the mixture of diblocks by a single 
triblock, where the central block acts as an insoluble core. For example, Armes, et 
al. reported the synthesis of Janus particles along with various other micelles by 
dissolution of triblock poly (ethylene oxide)-blockpoly(caprolactone)-block-poly 
(2-aminoethy methacrylate) in water.94 Another instance of Janus particle synthesis 
via self-assembly of triblocks polymer was shown by Wang and coworkers, who 
showed that the thermodynamic incompatibility of PCL and poly(2-
(perfluorobutyl) ethyl methacrylate) in PEG-block-PCL-graft-poly(2-
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(perfluorobutyl) ethyl methacrylate) terpolymers give rise to asymmetric phase 
separation of the miceller core.94 Furthermore, self-assembly induced 
crystallization has been employed for the preparation of Janus micelles. Manners 
and coworkers synthesized non-centrosymmetric cylindrical micelles by exploiting 
epitaxial crystallization of poly(ferrocenylsilane)-based block copolymers in 
solution.95 Additionally, various other types of asymmetric particles have been 
prepared by selectively crosslinking specific microdomains of bulk morphologies 
of triblock copolymers and dissolving the assembly in a suitable solvent.96-98 Due to 
remarkable progress in controlled polymerization techniques, the strategy to 
manipulate bulk morphologies of ABC triblock polymers has become a facile and 
versatile tool for the preparation of Janus micelles. 
1.4 DNA-mediated assembly of nanoparticles  
 The utilization of DNA strands as a bottom-up self-assembly approach to 
construct highly programmable and predictable supramolecular constructs has seen 
remarkable growth over the last few decades.99-100 The first example showing the use 
of DNA frames as a chemical entity to construct flexible artificial DNA structures 
containing multiple crossover junctions between double helices dates back to the 
1980s. This approach remains one of the central motifs of “Structural DNA 
Nanotechnology”, a term that was coined and introduced by Seeman and coworkers.101 
The high level of flexibility associated with multi arm junctions was not however 
suitable for higher order structures. In order to enhance stability, Seeman and 
coworkers introduced the concept of DNA double crossover (DX) molecule formed by 
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joining two four -way junctions.102 These molecules, which contain sticky ends on 
each side for hybridization and could be assembled into higher order structures, are 
called DNA tiles.103 While the fabrication of DNA tiles represented an important step 
forward in the area of DNA-based self-assembly, a significant breakthrough was made 
when a conceptually different approach, known as ‘DNA origami’, involving 
programming DNA sequences to fold  into intricate geometries at the nanoscale, was 
demonstrated by Joyce and coworkers.104 Typically, these geometries allow the 
precise positioning and site specific arrangement of nanoparticles by the placement of 
single stranded binding regions that can interact with the DNA sequences that are 
attached to particles. The significant capability of this technique was illustrated by 
Rothemund in 2006 with the fabrication of numerous planar 2D DNA structures with 
remarkable complexity.105 A significant advancement in DNA origami techniques was 
made in 2009 by Shih and coworkers, when this strategy for constructing arbitrary 2D 
shapes was extended to 3D DNA origami structures.106 Since its first use in 2006, 
DNA origami has been widely used to fabricate numerous well-defined 2D and 3D 
structures including twisted ribbons, bent arms with a full range of internal angles, 
notched gears of different sizes, and three-dimensional spherical wireframe objects.107-
108  
  Another fundamentally different route for synthesizing nanoscale DNA structures 
is to utilize the complementary DNA-DNA interaction as chemical bonder and a 
nanoparticle surface as a template for the impregnation and orientation of DNA 
linkers. Unlike other DNA hybridized systems, where hybridization and intertwining 
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of DNA strands determines stability and rigidity, in this case, it is the inorganic core of 
nanoparticles that provides the rigidity for directional interactions of DNA.109 
Therefore, many of the design rules, such as multiple crossover junctions, associated 
with the “DNA tiles” strategy becomes trivial for nanoparticle-based DNA 
hybridization systems, where it is prerequisite that inorganic nanoparticle is 
functionalized with a dense coverage of DNA linkers anchored on the particle surface. 
In general, nanoparticle-based DNA hybridization systems use nanoparticles 
functionalized with DNA chains that hybridize with neighboring functionalized 
particles through the collective interaction of surface bound DNA strands. The size, 
symmetries and lattice groups of the hybridized nanoparticle superlattice are 
ultimately determined by the size and shape of the nanoparticle, length of DNA 
strands, the sequence of the complementary DNA linker, and DNA loading density.99, 
106 
1.4.1 DNA-mediated assembly of spherical nanoparticles 
  The utility of DNA to program nanoparticle-based structures was first 
demonstrated and pioneered by Mirkin and coworkers, and Alivisatos and 
coworkers in 1996.15, 110 Mirkin’s group functionalized two batches of 13 nm gold 
nanoparticles with non-complementary oligonucleotides containing thiol moieties 
at the 3’ or 5’ terminal.15 The subsequent addition of DNA duplex linkers with 
sticky ends that were complementary to the oligonucleotide sequence anchored to 
the two batches of gold nanoparticles induced self-assembly of nanoparticles into 
macroscopic materials. Alivisatos and coworkers adopted a slightly different 
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approach. Instead of oligonucleotide functionalization of two batches of gold 
nanocrystals, they attached single stranded oligonucleotides to one set of gold 
nanocrystals. The addition of a DNA template that contains oligonucleotide 
sequences complementary to the sequence attached to the nanocrystals yielded 
dimers and trimers of nanocrystal.110 
  DNA sequences for use with gold nanoparticles are usually modified with 
thiol moieties at the 3’ or 5’ terminals, a spacer containing poly thymine (T) or 
adenine (A) and a guanine and cytosine (GC) rich sticky end section, which 
interacts with its complementary strands via Watson-crick base pairing.111 The thiol 
moieties attach the DNA strands to a gold nanoparticle surface and orients the 
oligonucleotide sequences in a surface-normal fashion, which allows them to bind 
with their complementary strands. A poly T or A spacer that doesn’t have 
significant affinity for nanoparticle surface separates the GC rich sticky end from 
the nanoparticle surface to prevent steric hindrance and facilitate base pairing. G 
and C bases have stronger hydrogen bonding capability than A and T, therefore G 
and C are chosen for sticky end composition.108, 112  
 The design of the DNA sequence plays a pivotal role in the symmetry and 
ordering of DNA-based spherical nanoparticle superlattices. The majority of the 
initial studies utilized linker oligonucleotides containing regions that are 
complementary to DNA strands anchored to particle surfaces.15, 113 While the linker 
strand facilitates complementary DNA binding events generating assembled 
nanoparticle structures, these materials showed only short-range ordering. 
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Nanoparticle structures showing long range ordering to generate larger crystals was 
subsequently accomplished by thermal annealing approaches which can be carried 
out in two ways.114-115 First, DNA functionalized nanoparticles are heated above the 
melting temperature of the assembled nanoparticle structure followed by slow 
cooling and second, DNA functionalized nanoparticles are mixed and allowed to 
hybridize, followed by annealing a few degrees below the meting temperature. 
Mirkin and coworkers showed that a binary mixture of gold nanoparticles, when 
crystallized by heating above Tm followed by slow cooling, resulted in disordered 
FCC lattices whereas a non-close BCC lattice was obtained by allowing the binary 
mixture to hybridize at room temperature followed annealing below Tm.
113 Another 
contemporary study carried out by Gang and coworkers also illustrated the long-
range ordering of these building blocks into well-defined crystals by using a 
thermal annealing approach.115 The implication of these studies is that the 
competition between entropic and enthalpic effects during the assembly process 
dictates the formations of different crystals at different temperatures. And, the 
assembly of nanoparticles into a well-order crystal that is formed via thermal 
annealing and allows maximum DNA hybridization events is a thermodynamically 
favored process, with the initially formed structure (pre-annealing) in a ‘kinetically 
trapped’ state.116-117 These findings were then subsequently corroborated by many 
other investigations and form the basis for the design rules of DNA-mediated 
nanoparticle superstructures.118 These rules were validated by a simple geometric 
model known as ‘complementary contact model’ that can be used to predict the 
thermodynamically favored nanoparticle superlattice as the assembly of particles 
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allowing maximum complementary contacts and hence maximum DNA 
hybridization.119  
 DNA directed assembly is not limited to gold nanoparticles. As the only 
prerequisite for creating DNA bonding is the dense DNA functionalization of a 
nanoparticle with solid material core, this method of functionalization has been 
extended to other types of inorganic nanoparticle with a variety of 
compositions such as CdSe/ZnS quantum dots (QD), CdSe/CdTe/@ZnS QDs, 
iron oxide (Fe3O4) particles, platinum (Pt), silver (Ag)and Palladium (Pd) 
nanoparticles.115, 120-121  
1.4.2 DNA-mediated assembly of anisotropic particles 
 Although isotropic nanoparticles with added valency are attractive for 
generating nanoparticle dimers, trimers, and other regioselective structures, the 
realization of crystalline superstructures with low symmetry has been mostly 
elusive.99, 108 One way to introduce directionality similar to atomic structures is to 
use polyhedron building blocks, which have not only defined edges and/or tips with 
high chemical reactivity that can be selectively functionalized, but also flat regions 
with larger surface areas, which tend to direct face-to-face association of these 
building blocks.99, 122 The majority of anisotropic nanoparticle synthesis requires 
surfactants such as CTAB. The surfactant at the tips and edges are labile and hence 
these regions of curvature can be more readily functionalized with thiolated linkers, 
which allows selective incorporation of other nanoparticles through complementary 
DNA interactions or biomolecules at those regions.123 This has been explored to 
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generate DNA hybridized nanostructures, where spheres were selectively attached 
to tips and/or edges of nanoprisms and nanorods.124-125 
 Packing of anisotropic building blocks without the assistance of ligands has 
been carried out via depletion attraction.126 A binary mixture of particle shapes 
might result in shape segregation driven by entropy and maximum packing 
considerations.127 However, in case of nanoparticle-supported DNA hybridized 
systems, the role of nanoparticles in DNA mediated assembly becomes irrelevant to 
the role that DNA sticky ends play. Therefore, conceptually, the engineering and 
design of DNA sequences and functionalization to realize directional binding 
interactions of DNA anchored on anisotropic particles virtually remains the same as 
with isotropic particles. The first example of DNA guided crystallization of 
anisotropic nanoparticles such as rods, triangular prisms, rhombic dodecahedra, and 
octahedra was demonstrated by Mirkin and coworkers.29 They showed that particle 
geometry played a pivotal role in the symmetry and dimension of the crystal 
structure formed from each anisotropic building block. As the particle’s flat 
surfaces contain more DNA density, the most preferential interaction would be 
face-to-face association of flat surfaces maximizing hybridization interactions. This 
results in the formation of 2D hexagonal close-packed lattices for rods, 1D lamellar 
arrangement for nanoprisms, face centered cubic (FCC) lattice for rhombic 
dodecahedra and body centered cubic (BCC) lattice for octahedra.29 Additionally, 
DNA-induced crystallization of binary mixtures of two different anisotropic 
particles has been studied.128-129 Lu, et. al. have demonstrated that a binary mixture 
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of spheres and cubes yielded an FCC lattice while a mixture of spheres and 
octahedrons produced a CsCl type lattice structure.129 O’Brien, et. al. carried out a 
detailed study on the effect of size complementarity and shape complementarity on 
co-crystallization.128 It was found that co-crystallization of cubes of two different 
lengths constantly gave rise to the formation a NaCl type lattices but with a reduced 
crystallinity as the length of cube was decreased. They also studied shape 
complementarity of nanoparticles by co-crystallizing cubes of same size with 
different facet types, i.e. different convexity and concavity, which yielded an FCC 
lattice with a coordination number 6. The implication of these studies is that the 
underlying anisotropy of anisotropic nanoparticles determines the crystal lattice 
formed and nanoparticle shape and size complementarity and can be utilized to 
generate new materials via co-crystallization of anisotropic nanoparticles while 
controlling the structural properties of those materials.24, 30, 99  
1.5 Metal nanoparticle coated polymer beads 
 In recent years, the application of micron sized spherical polymer beads as a 
carrier medium or support for metal nanoparticles, or as a geometric restriction 
template for the surface manipulation of metal nanoparticles has drawn significant 
attention.130 Polymer beads not only protect metal nanoparticles from the environment 
and prevent aggregation and leaching of nanoparticles, but also facilitate mass and 
heat transfer.131 The utilization of nanoparticle-polymer bead hybrid nanostructures 




 A plethora of studies have focused on the fabrication of nanoparticle-polymer 
bead composites. These studies can be categorized into either in-situ techniques, 
where nanoparticles are grown within a polymer matrix or ex-situ techniques, where 
nanoparticles are impregnated onto polymer beads via surface modification of the 
beads. In-situ reduction techniques comprise binding of metal precursors on 
unmodified or modified polymer beads and subsequent in-situ reduction to produce 
the desired metal nanoparticles on the beads’ surface.133 Quite recently, Jeong and 
coworkers reported a facile method to fabricate metal nanoparticle (silver, iron oxide 
and Titanium oxide) coated polystyrene (PS) beads by a catechol conjugated 
polymer.132 But these strategies are associated with irregular coverage and low density 
of particles. In order to circumvent this low and irregular coverage of particles, some 
other methodologies including metal ion presoaking, and metal seeding have been 
reported.134-135 Yet, it is very challenging to prevent aggregation and control mono-
dispersity of nanoparticles through these processes. 
 On the other hand, a number of ex-situ nanoparticle loading techniques have also 
been reported.136-139 One of the advantages of ex-situ techniques is that metal 
nanoparticles with the desired shape, size and mono-dispersity are preformed and 
subsequently loaded onto the polymer beads. The first example of ex-situ techniques 
was the electrostatic deposition of preformed anionic colloids on a polycationic 
polystyrene surface.136 Two other studies that utilized electrostatic interactions to 
construct polymer-nanoparticle conjugates were layer-by-layer assembly137, 139-140 and 
nanoparticle impregnation into beads functionalized with polyelectrolytes.138 Although 
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these methods, especially layer-by-layer assembly, were able to accomplish uniform 
and controlled nanoparticle coating on the polymer beads, the assembly may not be 
stable in solutions with high ionic strength. To overcome these limitations and 
drawbacks, Lee and coworkers reported a solvent controlled swelling and hetero 
coagulation method to synthesize highly light scattering metal nanoparticle coated 
polystyrene (PS) beads.130-131 Their approach was based on the simple addition and 
removal of the solvent, tetrahydrofuran (THF), which induces swelling of PS beads 
and hetero-aggregation of PVP-stabilized nanoparticles and PS beads.130-131 Quite 
recently, biomolecules such as DNA have also been utilized to fabricate nanoparticle-
PS beads conjugates. Wu and coworkers reported a DNA-mediated assembly strategy 
for dense immobilization of gold nanoparticles onto PS beads.141 They also added Ag 
shells on gold nanoparticles immobilized on PS beads to maximize the number of 
nanogaps for plasmonic field/ SERS enhancement.141 
 Metal nanoparticle-polymer composites have been widely used in various 
applications. The majority of the studies focused on exploring nanoparticle (Au and 
Ag) - polymer bead conjugates as surface enhanced Raman scattering (SERS) 
substrates. The interparticle distance of plasmonic nanoparticles in their assembly are 
plasmonic hot spots, which leads to significant Raman enhancement.130-131, 141-143 
 Because of their large surface area, polymer microbeads act as a template for a 
large ensemble of plasmonic hot spots on their outer surface. Additionally, because of 
the highly average plasmonic response, the enhancement in Raman scattering from 
bead to bead is almost identical, which allows SERS measurements at a very low bead 
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concentration.143 The larger size or surface area allows immobilization of thousands of 
nanoparticles on the bead surface, which acts as a geometric restriction template and 
facilitates asymmetrical functionalization of nanoparticles.144-145 Mirkin and 
coworkers employed magnetic polystyrene microparticles with iron oxide cores as a 
support for impregnating gold nanoparticles using DNA mediated interactions, where 
the particles could be separated by heating.146 The section of the particles attached to 
microparticles was afforded different lengths of DNA linker through introducing a 15-
mer DNA extension linker that is complementary to half of the 30-mer DNA sequence 
on the rest of the particle surface. Then, gold nanoparticles that are functionalized with 
DNA sequences that can bind to the other half of 30-mer DNA sequence were exposed 
to the microparticles. In the final step, a T4 DNA ligase was used to catalyze the 
formation of a phosphodiester bond between the 3′-hydroxyl and the 5′-phosphate of 
the extension linker and the oligonucleotide attached to the gold nanoparticles. 
Additionally, nanoparticle-polymer bead conjugates have also been widely explored 
for catalytic applications.133, 147-148 The catalytic efficiency of metal nanoparticles is 
mostly hindered by their small size and the possibility of particle aggregation. To this 
end, polymer beads not only prevent nanoparticle aggregation, but also release 
mechanisms can be used so the particles can be isolated from the beads and recycled. 
Moreover, owing to the high dispersion of polymer beads in the reaction medium, 
catalytically active sites of metal nanoparticle surfaces are more accessible to reactant, 
which can accelerate the chemical reaction. Metal nanoparticle-coated polymer beads 
have been used for numerous other applications, including immunoassays,149 flow 
cytometry,150 photonics,151 medical imaging,152 and drug delivery.153  
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1.6 Optical properties of DNA guided gold nanostructures 
  Structural DNA nanotechnology emerges as a robust pathway for the directed 
self-assembly and precise control of the placement of metal nanoparticles to generate 
plasmonic nanostructures for various applications, including surface enhanced Raman 
scattering (SERS), surface enhanced Fluorescence (SEF) and molecular sensing based 
on plasmonic coupling of metal nanoparticles. For instance, Wang and coworkers 
reported a DNA based fabrication strategy to generate symmetric and asymmetric gold 
nanoparticle dimers and investigated the effect of nanoparticle size and interparticle 
distance on the plasmonic coupling between nanoparticles in dimer structures.154 They 
found that the surface plasmon resonance of nanoparticles increasingly red shifted 
with increasing particle size and decreasing interparticle distance. They further 
extended the use of DNA scaffolds for heterogeneous and modular assembly of gold 
nanorods and spherical nanoparticles and demonstrated that only plasmonic coupling 
between nanorods induces plasmonic shift while no plasmonic shift was observed 
when spherical nanoparticles were placed between nanorods.155 Yan and coworker 
demonstrated the unique plasmonic responses of gold nanorod dimers at various 
predetermined inter-nanorod angles, which were accomplished by precisely orienting 
the nanorods on a triangular DNA scaffold.156  
 Plasmonic structures can create highly enhanced local electromagnetic fields that 
can interact with a fluorophore, possibly leading to fluorescence enhancement, 
depending on the excitation wavelength as well as the radiative and nonradiative 
decay rates of the fluorescent dye.157 Programmability of DNA origami allows the 
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precise placement of fluorophores next to metal nanoparticles or within the 
interparticle spacing of nanoparticle dimers known as plasmonic nanoantenna, which 
can significantly enhance the fluorescence signal of the single-molecule emission. 
Acuna and co-works introduced a DNA induced fabrication of a nanoantenna by 
attaching single nanoparticles or nanoparticle dimers to a DNA origami structure that 
also contained a docking site for attaching the fluorophore near the plasmonic hot 
between nanoparticles.158 A maximum of 117-fold fluorescence enhancement was 
achieved for a dye molecule positioned in the 23-nanometer spacing between 100-
nanometer gold nanoparticle dimer due to the highly enhanced local field created by 
the plasmonic nanoantennae. They subsequently reported a new generation of DNA 
origami structures for the fabrication of a dimer nanoantennae with a reduced 
interparticle spacing, which gave rise to a maximal fluorescence enhancement of 5468 
and single-molecule detection at a 25-μM background fluorophore concentration.159 
Quite recently, Mirkin and coworkers combined top down lithography and bottom up 
colloidal crystal engineering with DNA to contract a 2D plasmonic nanoantennae 
consisting of an array gold nano-cubes with the molecular level control over the 
placement of fluorescent dye using DNA.160 They demonstrated the solvent responsive 
fluorescence emission of two dyes, which exhibited different fluorescence behavior 
based on the lattice mode resonance that is tunable through lattice spacing, and gap 
mode resonance that was tunable through DNA length and choice of solvent. 
 Structural DNA nanotechnology not only enables the assembly and organization 
of nanoparticles with tunable spacing, but also allows the placement of Raman probes 
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in the nanogaps or hotspots which enhances the EM field and plasmonic coupling, 
leading to enhancement in SERS signal. Lan and coworkers reported a DNA guided 
self-assembly approach to construct gold nanoparticle dimers and systematically 
investigated the effect particle size and interparticle distance tunable with the change 
in DNA length on the ensemble SERS properties of dimers.154 They found that 
increasing nanoparticle size from 13 nm to 20 nm and 40 nm resulted in the gradual 
increase of the SERS intensity while increasing the interparticle distance from 5 to 10 
and 15 nm led to dramatic decrease in the SERS intensities. Zheng and coworkers 
presented a DNA guided hierarchical self-assembly of core satellite plasmonic 
nanostructures of gold nanoparticles for a highly sensitive near IR SERS based 
sensor.161 They demonstrated that plasmonic core satellite structures not only cost a 
fraction of the cost of lithographic techniques, but also show superior SERS 
performance compared to commercial SERS substrates in both SERS enhancement 
and repressibility. The use of DNA origami also offers the remarkable capability to 
assemble nanoparticles into complex plasmonic SERS substrates with a greater control 
in tuning interparticle spacing and the placement of problem molecules in the hot 
spots.162 While the majority of DNA origami based SERS substates are based on 
assembly of a small number of nanoparticles, Zhoe and coworkers employed a DNA 
hexagon to expand the structural complexity of SERS metamolecules by organizing 
more nanoparticles into sophisticated configurations.163 They were able to assemble 
30+ nanoparticles into hexagon clusters and connect the hexagon clusters to form 
dimers, trimers and 1D chains of hexagon clusters of nanoparticles and showed that 
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1D chain metamolecules showed stronger interparticle electromagnetic fields and 
hence stronger SERS response that hexagon monomers and dimer.  
1.7 Organization of the thesis  
 Chapter 1 provides motivation for this study and background on various synthetic 
approaches and applications of nanoprisms and Janus particles, DNA mediated 
assembly strategies and synthetic approaches for impregnating metal nanoparticles on 
polymer beads. Chapter 2 provides combined experimental descriptions for the 
research findings presented in Chapters 3-6. Chapter 3 discusses a facile method for 
facet selective asymmetric functionalization of gold nanoprisms for Janus particle 
synthesis. Chapter 4 illustrates DNA-mediated 3D hierarchical organization of gold 
nanoprisms into 3D superlattices and their application for SERS and SEF. Chapter 5 
describes DNA mediated assembly of anisotropic nanoprisms, and carboxylate 
modified polystyrene beads into 3D SERS substrates. Chapter 6 provides the 
regioselective synthesis of gold nanoprism dimers, and trimers for plasmonic 
applications. Chapter 7 summarizes the research findings of this study and put 




CHAPTER 2   
   EXPERIMENTAL DETAILS                    










2.1 Materials  
 Hydrogen tetrachloroaurate (III) hydrate (HAuCl4•3H2O), methylene blue, high 
purity biological stain (C16H16CIN3S. xH2O) were purchased from Alfa Aesar (Ward 
Hill, MA). Sodium thiosulfate pentahydrate, phosphate buffer solution, dithiothreitol 
(DTT) at 1 M concentration in H2O, 1-hexadecanethiol (≥95.0 % GC), carboxylate-
modified polystyrene, fluorescent yellow green (aqueous suspension, 1.0 µm mean 
particle size), (3-aminopropyl) triethoxysilane (Sigma-Aldrich ≥ 98.0%) & cellulose 
acetate dialysis tubing (43 mm wide; 12 kDa molecular weight cutoff) were purchased 
from Sigma-Aldrich (St. Louis, MO). Ethanol (200 proof, 100%) was purchased from 
Decon labs, Inc. Oligonucleotides sequences (thiolated) 5’-ATA-ACC-ATT-GTA-
AAT-TAATTA-3’ (DNA-A ) and its complementary 3’-TAT-TGG-TAA-CAT-TTA-
ATT-AAT-5’(thiolated) (DNA-A′′) were purchased from Integrated DNA Technologies 
(Coralville, IA). Microscopic slides (3×1×1 mm) were purchased from VWR 
International, LLC (Rednor, PA). Illustra NAP-25 columns were purchased from 
General Electric Healthcare (Buckinghamshire, United Kingdom). NANOpure 
ultrapure water (Barnstead, resistivity 18.2 MΩ-cm) was used for all aqueous 





2.2 List of oligonucleotide linkers used in this study  
 
2.3 Procedures 
2.3.1 Chemical synthesis and purification of gold triangular nanoprisms 
 Gold nanoprisms were synthesized using the Diasynth process following 
literature precedent.164-165 This method involves the reaction between sodium 
thiosulfate (Na2S2O3) with a gold salt, tetrachloroauric acid (HAuCl4) in a 
traditional one-step or two-step process without the need of additional templates, 
capping reagents, or seeds. In addition, the surface plasmon resonance (SPR) of the 
products is tunable based on reaction parameters such as concentration and 
temperature. 






rich oligonucleotide  







 Briefly, 32.6 mL of 1.76 mM HAuCl4 in water was added to a 12 cm section of 
dialysis tubing followed by quickly adding 7.4 mL of 3 mM aqueous sodium 
thiosulfate solution with agitation for 5 seconds. The membrane was then clipped 
and submerged in a circulated bath of DI water (≥25 L) maintained at 27 ºC by a 
Thermo (Waltham, MA) NESLAB RTE-221 Circulator. After reacting for 1 hour 
the membrane was removed and the solution was emptied into a 40 mL plastic 
tube. The poly-disperse particle solution was a mixture of nanoprisms and pseudo-
spheroid particles, with the latter contributing almost 99% of particles. Nanoprisms 
were separated from pseudo-spheroid particles through 2x 30 mins long 
centrifugations at a speed of 180-200 g. The plasmon resonance band for pseudo-
spheroid particles at 540 nm is completely diminished after centrifugal separation 
as the pseudo-spheroids were removed from the particle mixture and a high purity 
nanoprism solution was obtained.   
2.3.2 Synthesis of Janus nanoprisms 
 Silica glass slides were thoroughly cleaned with an alcohol base bath and aqua 
regia, and then exposed to APTES for 1-2 hours. Nanoprisms was deposited on the 
APTES surface via drop-casting for 5-10 minutes, depending on the optical density 
of the nanoprism suspension so that a monolayer of nanoprisms was formed. Table 
2.2 shows the concentrations of nanoprisms and corresponding duration of 
nanoprisms depositions that ensures the formation of monolayer of nanoprisms on 










 The exposed nanoprism facets were coated with either hexadecane thiol 
(HexaD) or thiolated poly(ethylene) glycol (PEG) using the well-known affinity of 
sulfur for gold surfaces. Excess coating molecules were removed by sonication and 
rinsing with a suitable solvent. Half-coated nanoprisms were then lifted off from 
APTES with 4-5 hours mild sonication using potassium carbonate at pH 11. The 
potassium carbonate buffer was not found to cause aggregation of nanoprisms, as 
shown by monitoring the nIR LSPR bandwidth of the nanoprisms after lift-off. The 
coating for the surface-protected facet of the nanoprisms can be applied in two 
ways. First, nanoprisms were exposed to the second coating agent during lift-off by 
adding the agent directly to the sonication buffer so that the uncoated facet was 
coated immediately as the nanoprisms were lifted off from the APTES surface. 
Alternatively, half-coated nanoprisms were purified after lift-off by centrifugal 
washing multiple times followed by re-suspension in nanopure water. The second 
coating agent, a thiolated 21-mer adenosine-rich oligonucleotide (DNA-A) was 
Table 2.2: Durations of nanoprisms deposition on APTES surface 
based on their concentrations to obtain a monolayer 
Concentrations, Optical density 
(OD) 
Duration of deposition (min.) 
6-8 OD 12 Min 
8-10 OD 10 Min 
>10 OD 6 Min 
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then applied on half-coated nanoprisms, following literature precedent.29 No 
measurable difference was observed between the products of the two methods. 
2.3.3 Functionalization of nanoprisms with oligonucleotide  
 Prior to the functionalization of Au nanoprisms, thiolated oligonucleotide was 
treated with 0.1 M dithiothreitol (DTT) in disulfide cleaving buffer (0.17 M, pH 8) 
to remove the thiol protecting group. Then, the oligonucleotide solution was 
purified using a desalting column (Nap-25, DNA grade, GE Healthcare). The 
purified nanoprisms were functionalized by using modifications of literature 
procedures.122, 165 Briefly, 1.87 OD260 (2.5 µM) of purified thiolated DNA was 
added to 1.0 OD of Au nanoprisms and allowed to react while shaking (1100 rpm, 
22 ºC) for 30 min to 1 hour using an Eppendorf Thermomixer. The particle and 
DNA mixture were then brought to 0.01% SDS (sodium Dodecyl sulfate) in 0.01M 
sodium phosphate buffer. Then, particle solutions were slowly treated with NaCl 
and sequentially brought to 0.05 M, 0.1 M, 0.2 M, and 0.3 M NaCl with 30 min 
between each addition. After the final salt aliquot addition, the particle solution was 
allowed to sit overnight. The next day, the particle solution was centrifuged (2000 
rpm, 10 mins) 3-4 times to remove the unreacted oligonucleotide and the pellet was 
resuspended in 0.01 M PBS or nanopure water. 
2.3.4 Functionalization of nanoprisms with 1-Hexadecane thiol 
 A 3 OD dispersion of gold nanoprism solutions were spun down and 
resuspended in 1 mL ethanol. 30 mM hexadecane thiol in ethanol was added to 
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particle solution (10 µM of hexadecane thiol for per OD of gold nanoprisms) and 
the mixture was allowed to react for 3-4 hours. In order to remove unreacted 
hexadecane thiol, the particle mixture was centrifuged at 2000g for 10 mins and 
washed with ethanol for three times.  
2.3.5 Functionalization of nanoprisms with thiol modified polyethylene glycol 
(PEG-SH, 2k MW) 
 2 mL of purified gold nanoprisms were incubated in thiolated PEG (2k MW) 
solution in water (10 µM concentration of thiolated PEG for per mL of gold 
nanoprisms). The solution was shaken with a rotating shaker at room temperature 
for 5-6 hours. The coated nanoprisms were washed 3 times with NANOpure water 
by successive centrifugation (3000g, 10 mins). After the final wash, PEG-modified 
nanoprisms were taken to 0.01M phosphate buffer (pH ~7.4) and stored at 4ºC. 
2.3.6 Selective attachment of gold nanospheres to major facets of gold 
nanoprisms 
 To selectively attach DNA-A′′ coated gold nanospheres to DNA-A -containing 
facets of Janus PEG | DNA-A nanoprisms, a 200 µL 1.2 OD dispersion of Janus 
nanoprisms was mixed with 100 uL of 0.4 OD gold nanosphere solution in a DNA 
hybridization buffer (0.01M phosphate buffer + 0.1M sodium Chloride). The 
mixture was then heated to 90˚C and left to cool down to room temperature for 
hybridization. Control experiments were carried out by mixing 200 µL of both 
DNA-A | DNA-A nanoprisms and PEG | PEG nanoprisms with 100 µL of 
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nanospheres in the hybridization buffer at 90˚C and allowed to cool down slowly to 
room temperature.  
2.3.7 Functionalization of glass slides with Amino groups with APTES   
      
 Prior to functionalization, silica glass slides were thoroughly cleaned and 
washed in a base bath and with aqua regia. Clean glass slides were taken in 2% 
Aminopropyltriethoxysilane (APTES) solution in 70% ethanol and allowed to react 
for 1-2 hours. Then glass slides were sonicated for 10 mins with 70% ethanol, and 
water for another 10 min. 
2.3.8 Functionalization of glass slides with Poly(siloxanes) 
 1 mL of RainX was applied on clean and dried glass slides with a piece of dry 
cloth or paper towel. RainX was then allowed dry for 10-20 mins or until a slight 
haze appears on the glass slide. After 20 mins, the glass slides were sprinkled with 
water until the haze was gone and the slide became crystal clear. In order to test 
hydrophobicity, a droplet of water was dropped onto the hydrophobic glass surface. 
Due to hydrophobicity of the surface, water droplets rolled around the surface 
instead of spreading out, which is in good agreement with previous reports with the 
water droplet dynamics in literature precedent.166 
2.3.9 Synthesis of 20 nm average diameter citrate-stabilized gold nanospheres 
 Gold nanospheres with an average diameter of 20 nm were synthesized using 
an established literature procedure.167 Briefly, 0.5 mL of 10 mM HAuCl4·3H2O 
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solution was added to 17.0 mL of nanopure water and heated to boiling. 2.5 mL of 
a 10 mM trisodium citrate solution was then quickly added to the reaction mixture, 
and the solution was stirred for 10 min. Finally, the resulting solution was stirred 
for another 15 min at room temperature and allowed to cool. A bright-red color 
indicated the formation of 20 nm average gold nanoparticles. 
2.3.10 Functionalization of 20 nm gold nanospheres with oligonucleotides 
 In order to synthesize DNA-coated nanoprobes, 20 nm average gold 
nanoparticles were functionalized with a 21 base pair long oligonucleotide 
sequence (DNA-A′′) following literature precedent.111 Prior to the functionalization 
of Au nanoparticles , thiolated oligonucleotide was treated with 0.1 M dithiothreitol 
(DTT) in disulfide cleaving buffer (0.17 M, pH 8). Then, oligonucleotide solution 
was purified from DTT using a desalting column (Nap-25, DNA grade, GE 
Healthcare). Briefly, 1mL (1 µM) of purified thiolated DNA was added to 1 mL of 
10 nM gold nanoparticles and allowed to react while shaking (1100 rpm, 22 ºC for 
30 min to 1 hour using an Eppendorf Thermomixer. The particle and DNA 
solutions were then brought to 0.01% SDS (sodium Dodecyl sulfate) and 0.01M 
sodium phosphate buffer. Then, particle solutions were slowly treated with NaCl 
and sequentially bought to 0.05 M, 0.1 M, 0.2 M, and 0.3 M with 30 min between 
each addition. After the final salt aliquot addition, the particle dispersion was 
allowed to sit overnight. The next day, the particle solution was centrifuged 3-4 
times for 20 mins at a speed of 2000g to remove the unreacted oligonucleotide and 
the pellet was resuspended in 20x TE buffer or NANOpure water. 
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2.3.11 Face-to-face stacking of nanoprisms 
 200 µL of 2.4 OD DNA-A′ functionalized nanoprisms were mixed with 200 
µL of 2.4 OD DNA-A coated nanoprisms in a DNA hybridization buffer (0.01M 
Phosphate buffer, pH 7.4 + 0.3 M NaCl). The mixture was then heated to 60-65ºC, 
followed by slow cooling to room temperature for efficient DNA-mediated 
interactions between nanoprisms, leading to the formation of 1D face-to-face 
assemblies of nanoprisms. Scheme 2.1 shows the schematics of face-to-face 
arrangement of nanoprisms into 1D stacks. 
 
Scheme 2.1: Schematics of face-to-face lamellar arrangement of 
gold nanoprisms induced by DNA hybridization. 
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2.3.12 Melting analysis of 1D nanoprisms stacks 
 The melting analysis of 1D nanoprism stacks was monitored with an Agilent 
Cary 100 UV-Vis spectrometer (Agilent Technologies, Santa Clara, CA) equipped 
with a Perkin-Elmer PTP-1 Peltier Temperature Programmer, following literature 
precedent.24 A melting profile was obtained by monitoring the change in 
absorbance of the predominant surface plasmon resonance (SPR) band of the gold 
nanoprisms with the change in temperature. Briefly, a 400 µL dispersion of 1D 
nanoprism stacks was diluted in a 1.2 mL solution with the DNA hybridization 
buffer and loaded in a capped cuvette with a stir bar. The solution was then heated 
from 25ºC to 80ºC under continuous stirring at a ramp rate of 0.25ºC/min. The 
melting temperature of the conjugates was determined by taking the first derivative 
of the temperature curve.  
T > Tm 




Above the DNA melting temperature, the double helical structure of 
complementary DNAs denatures, which causes particle dispersion as shown in 
Scheme 2.2 and hence increases the absorbance of the SPR band of gold 
nanoprisms. Melting analysis of a control experiment was carried out by heating 
uncoated nanoprisms in the DNA hybridization buffer under similar conditions.  
2.3.13 Formation of 3D nanoprism superlattices 
 In order to assemble 1D nanoprism stacks into 3D superlattices, the solution of 
1D nanoprisms stacks was spun down and resuspended in 250-300 µL phosphate 
buffer to allow for a concentrated solution of 1D nanoprism stacks. The 
concentrated dispersion of 1D nanoprisms stack was then annealed at a temperature 
1-3ºC below the melting temperature of 1D stacks for 1-3 hrs. Briefly the solution 
was heated to and annealed at 65ºC, 66ºC and 67.5ºC for several hrs.  
 Dark-field microscopy was used to monitor the crystal growth at each 
temperature. While annealing, 5 µL of solution was quickly taken from the capped 
cuvette and drop cast on a glass slide before placing a coverslip over the sample for 
dark-field microscopy imaging. 
2.3.14 Surface modification of carboxylate modified polystyrene (PS) beads 
 Carboxylate modified PS beads can be covalently coupled with amine-
containing protein, antibody or any other biomacromolecules including 
oligonucleotides using carbodiimide chemistry. The typical covalent coupling of 




    EDC (1-ethyl-3-(3-dimethylaminopropyl) carbodiimide) reacts with carboxylic 
acid groups on the beads to form an active O-acylisourea intermediate. It is then 
displaced by nucleophilic attack from primary amino groups of ligands 
(DNA/antibody/protein) in the reaction mixture. An amide bond is formed between 
the primary amine forms and the original carboxyl group. The O-acylisourea 
intermediate is unstable in aqueous solutions. To increase stability of the 
intermediate, EDC couples NHS to carboxyls, leading to formation of an NHS ester 
that is considerably more stable than the O-acylisourea intermediate. The chemical 




Scheme 2.3: Schematics of covalent coupling between carboxylate modified PS 











Figure 2.2: Chemical structure of EDC (1-ethyl-3-(3-dimethylaminopropyl) 
carbodiimide). 




 Carboxylate modified PS beads were covalently linked with amine modified 
DNA-A′ strands through carbodiimide chemistry. First, PS microparticles were 
purified following an established latex bead purification protocol.168  Briefly, 2.5 
ml (40 mg/ml) latex microspheres was taken in a 15 mL centrifuge tube and diluted 
with 10 ml 50 mM MES buffer (pH 6.1). The mixture was centrifuged at ~3,000g 
for 20 min to sediment particles, the supernatant was removed, and the pellet was 
redispersed in 10 mL MES buffer. The process was repeated three times. The final 
suspension was in 5mL MES buffer to create a 20 mg/mL particle suspension. 
Then, the PS bead solutions were sonicated using an ultrasonic convertor operated 
at low power (5 watts) to disperse the beads. 
 Next, PS beads were incubated with 0.1% polyethylene glycol (6000 MW) for 
3 hours at room temperature in order to block hydrophobic regions on the PS beads 
and prevent non-specific adsorption of coating reagents. After 3 hours of 
incubation, beads were centrifuged at 3000 rpm for 20 mins (3 times) and 
redispersed in MES buffer (pH 6.1). Then, purified carboxylate modified beads 
were coupled with amine functionalized oligonucleotide (DNA-A′) by either a one 
step or a two-step procedure. The one step method is described as follows: 1 mL of 
purified latex bead (1%) was placed in a 15 mL tube with 10 mg/mL freshly 
prepared EDC (1-ethyl-3-(3-dimethylaminopropyl) carbodiimide) solution in MES 
buffer. The mixture was kept on a rotatory shaker for 5 mins for thorough mixing. 
Then 3mL of DNA-A′ with 2 OD (optical density) concentration was added to the 
mixture. Finally, 10 mg sulfo-NHS (N-hydroxysulfosuccinimide) was added to the 
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mixture and the mixture was incubated at room temperature overnight on a rotary 
shaker for gentle mixing. The next day the solution mixture was centrifuged at 
2000 rpm for 10 mins and washed with 0.01 M phosphate buffer 3 times to remove 
unbound oligonucleotide and the final pellet was stored at 4 ºC. 
 The two-step procedure involves the activation of the carboxylates on the 
beads’ surface in the first step and addition of DNA-A′ in the second step. Briefly, 
1 mL of purified latex beads (1%) was placed in a 15 mL centrifuge tube with 10 
mg/ mL freshly prepared EDC (1-ethyl-3-(3-dimethylaminopropyl) carbodiimide) 
solution in MES buffer (pH 6.1). 10 mg sulfo-NHS (N-hydroxysulfosuccinimide) 
was added to the mixture and the mixture was incubated at room temperature for 3 
hours with constantly shaking, followed by 3 centrifugal washing with 50 mM 
MES buffer (pH 6.1) to remove extra EDC and sulfo-NHS. In the second step, 1 
mL of DNA-A′ with 2 OD (optical density) concentration was added to the mixture 
and incubated overnight at room temperature while shaking on a rotary shaker after 
gentle mix. Next day the solution was centrifuged at 2000 rpm for 10 mins and 
washed with phosphate buffer 3 times to remove unbound oligonucleotide and the 
final pellet was stored at 4ºC for future use. 
 A high density of DNA grafting is crucial to maintain colloidal stability and 
prevent non-specific interactions.169 While DNA-A′ functionalization via two-step 
conjugation process produced well dispersed PS beads, one step conjugation 
process led to some random aggregation of beads despite less centrifugal washes 
involved in one step process. This indicates that two-step process is more efficient 
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than one step process for DNA functionalization of PS beads through EDC 
coupling.  
2.3.15 Coating of gold nanoprisms onto PS beads 
 25 µL of 1.2 OD DNA-A′ functionalized PS beads were added to 100 µL of 
1.8 OD DNA-A coated nanoprisms in a DNA hybridization buffer (0.01M 
Phosphate buffer, pH 7.4 + 0.1M NaCl). The mixture was then heated to 55ºC 
followed by slow cooling to room temperature. The mixture was then diluted to 
400 µL using DNA hybridization buffer for optical characterization. In order to 
assess the effect of salt concentration on the DNA mediated binding event between 
nanoprisms and PS beads, the salt concentration was varied from 0.1 M to 0.2 M 
and then 0.3 M NaCl, while keeping the concentrations of nanoprisms and PS 
beads unchanged. 
2.3.16 Melting analysis of PS bead/gold nanoprism conjugates 
  The melting analysis of gold nanoprism-coated PS beads was monitored with 
an Agilent Cary 100 UV-Vis spectroscopy following literature precedent.170 A 
melting profile was obtained by monitoring the change in absorbance of the 
predominant surface plasmon resonance (SPR) band of the gold nanoprisms (895 
nm) with the change in temperature. Briefly, 100 uL of 1.2 OD DNA-A′ coated PS 
beads was hybridized with 400 uL of DNA-A coated gold nanoprisms. The 
conjugates were then diluted with DNA hybridization buffer and taken in a capped 
cuvette with a stir bar. The mixture was then heated from 45–90°C at a ramp rate of 
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0.25°C /min. The melting temperature of the conjugates was determined by taking 
the inflection point of the temperature curve. Melting analysis of a control 
experiment was carried out by mixing uncoated nanoprisms and uncoated PS beads 
in a DNA hybridization buffer and heating the mixture under similar conditions.  
2.3.17 Formation of 3D PS beads/gold nanoprism aggregates 
 PS beads/nanoprism conjugates at 0.3 M NaCl were heated to 60 ºC, which is 
above the Tm of the DNA linker (41ºC) and below the Tmof PS beads/nanoprisms 
conjugates (78ºC), followed by slow cooling. The long-range interaction of DNA-A′ 
coated beads and DNA-A coated nanoprisms led to the formation of a 3D ensemble 
of nanoprisms immobilized beads. 
2.3.18 Synthesis of gold nanoprism dimers and trimers 
  A schematic for the synthesis of gold nanoprism dimers and trimers is given in 
Scheme 2.4. Two sets of Janus nanoprisms, PEG | DNA-A and PEG | DNA-A′, 
where ‘|’ denotes coatings are on opposite sides of the nanoprisms, were 
synthesized using the protocol described in section 2.3.2. Then, 200 µL of 0.6 OD 
dispersions of Janus nanoprisms were mixed in a 1:1 ratio in a DNA hybrization 
buffer (0.01 M PB + 0.1 M NaCl). The mixture was then heated to 60˚C and 
allowed to slowly cool down to ambient temperature. For trimer synthesis, DNA-A 
| DNA-A nanoprisms (200µL of 0.6 OD) was mixed with PEG | DNA-A′ 
nanoprisms (100 µL of 0.6 OD) in a 2:1 ratio in hybridization buffer and heated to 







2.4.1 UV-Vis spectroscopy 
  UV absorption spectra were obtained with a UV Visible Spectrometer (Varian 
Cary 50 BIO UV, McKinley Scientific, Sparta, NJ) using either a plastic cuvette of 
1 mL sample volume or a quartz cuvette of 400 µL sample volume. UV-Vis 
measurements were carried out to characterize synthesis and surface 




Scheme 2.4: Schematics of gold nanoprism dimer and trimer formation 
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of nanoprisms. Melting analyses were performed on an Agilent Cary UV-Vis 100 
spectrometer (200-900nm) equipped with a Perkin-Elmer PTP-1 Peltier 
Temperature Programmer. 
2.4.2 Scanning electron Microscopy 
 Scanning electron microscopy (SEM) and scanning tunneling electron 
microscopy (STEM) were performed at different magnifications using a Carl Zeiss 
SMT AG SUPRA (Carl Zeiss AG, Oberkochen, Germany) 35VP field S-6 emission 
scanning electron microscope (FESEM) operating at an accelerating voltage of 3-
15 kV for SEM depending on the sample type and 20-25 kV for STEM, and using 
SE2 secondary electron detector or Inlens detector and STEM detector. 
2.4.2.1 Sample preparation for SEM/STEM using TEM grid 
 SEM samples were prepared in two ways. First, 10 µL of sample was drop cast 
on a TEM grid and quickly taken out. This process was carried out 6-8 times. A 
control experiment was also carried out by drop casting just bare nanoprisms on the 
TEM grid. No drying effect was observed. Second, samples were drop-cast on the 
substrate, which was followed by slow removal of solvent using a filter paper after 
5 mins of drop casting. 
2.4.2.2  Sample preparation for SEM on glass slide 
 10 µL of sample was drop cast on a marked area of an APTES coated silica 
glass slide and solvent was evaporated using in a stream of lab air for 10 mins. 
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Double-sided carbon tape was applied around the sample position in a rectangular 
fashion to mitigate charging issues. Using a low acceleration voltage in the range of 
2-3 KV and changing the aperture to 10-20 µM, SEM imaging of nanoprisms and 
other nanostructures with spatial resolution of 20-200 nm was accomplished.           
2.4.3 Dynamic Light Scattering (DLS) size and zeta potential measurements  
 Hydrodynamic diameter and zeta potential measurements were accomplished 
using a Zetasizer (Zetasizer Nano ZS90, Malvern Instruments Ltd., Westborough, 
MA). The instrument is equipped with a 633 nm laser source, and a backscattering 
detector at 173˚. For DLS size measurements, either plastic cuvettes of 1mL sample 
volume or quartz cuvette of 400 µL were used and SOPs for both simple and 
complex solvents were created for the relevant sample. In case of simple solvent, 
either water/ 0.01M PBS was selected and the corresponding refractive index was 
incorporated while for complex solvent, both water/0.01M PBS and 0.3M NaCl 
were selected as solvents and their refractive indices were incorporated. DLS 
measurements were carried out in triplet, each consisting of two runs. Each run was 
repeat 10 times. 
2.4.4 Fluorescence measurements  
  Fluorescence measurements of yellow-fluorescent polystyrene latex beads 
were carried out on a SpectraMax M2 plate reader using a fluorescence quartz 
cuvette of 700 µL sample volume. The fluorescence spectra were collected in the 
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range of 400-600 nm using a 470 nm excitation wavelength. Excitation was fixed at 
470 nm while emission was allowed to sweep at a step size of 20 nm. 
2.4.5 Darkfield microscopy  
 Dark field microscopy and hyperspectral imaging were performed on a 
research grade optical microscope (Olympus BX43) equipped with an integrated 
hyperspectral analysis system (CytoViva Inc., Auburn, AL, USA). This system 
uses a halogen lamp light source and a darkfield oil condenser (NA 1.20-1.40) for 
sample illumination. High resolution darkfield images were obtained using a Dage 
camera (model XLMCT, Dage-MTI, Michigan City, IN, USA). Hyperspectral 
profiles are acquired using a Pixelfly camera and visualized using Environment for 
Visualizing Images (ENVI) 4.8 software (Exelis Visual Information Solutions, 
Boulder, CO, USA). 
2.4.6 Acquisition of single particle scattering profiles  
 For collecting the scattering profile of monomer gold nanoprisms, a diluted 
DNA-A coated gold nanoprism solution was drop cast on a glass slide that had 
been etched with marker system containing numbers etched on the glass slide by 
photolithography (donated from the Harnett Lab at the University of Louisville. 
First, darkfield images were collected using a 100x objective. Then hyperspectral 
imaging was collected on the same area of sample using the same magnification 
and at an acquisition time 0.25 s. Next, a Z-profile of the particle sample was 
collected with average scan window width of 3 units. In order to compensate for 
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the effect of camera optics and spectrograph on the spectral recording, spectral 
normalization was performed. In order to perform spectral normalization, the 
spectrum of the light source was obtained by imaging blank glass slides under the 
same settings the samples analyzed through the ENVI software. Then, the value of 
the highest point on the blank spectrum was set to unity by this expression: float 
(s1(/max1). The spectrum of the desired specimen was corrected for instrumental 
effects by dividing the specimen spectrum by the normalized spectrum, which was 
carried by implementing this correction expression: float (S1) and float (S2), where 
S1 is specimen spectrum and S2 is normalized lamp spectrum.  
2.4.7 Surface Enhanced Raman Scattering Experiments 
 Raman and photoluminescence (PL) analyses were carried out using a 
Renishaw InVia micro-Raman/PL system (Renishaw, Wotton-Under-Edge, U.K.) 
equipped with a 633 nm HeNe laser with an operational range 100-2000 cm-1 for 
Raman and 500-800 nm for PL measurement. 
 All the Raman spectra were recorded under the same ambient conditions: 50x 
microscope objective with a laser spot size of 1µm, 10 s data acquisition time and 
150 mW laser power. To evaluate the SERS performance of the 3D nanoprism 
superlattices, 10.0 µL of probe molecule MB at different concentrations (ranging 
from 10-3 M to 10-10 M) was drop cast on 3D nanoprism superlattices on a glass 
slide and kept in a fume hood until dry. Raman spectra were then collected from at 
least 6 different locations on the sample area. 
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2.4.8 Photoluminescence measurements 
 The PL measurements were carried out in solution on a glass slide with a cover 
slip at room temperature using a Renishaw Invia Raman/PL system. The excitation 
source was a HeNe red laser emitting at 633 nm. The PL emissions spectra were 
collected from the wavelength range of 500 nm to 800 nm by a Charge-couple 
device (CCD) detector. 
 A 5 µL solution of nanoprism superlattices was deposited on a predetermined 
position in a clean glass slide and allowed to airdry. Then 5 µl of 0.1 µM of the dye 
solution was drop cast in the same position of the glass slide and a cover slip was 








CHAPTER 3  
FACET SELECTIVE ASYMMETRIC FUNCTIONALIZATION 












3.1 Introduction  
 The quest for attaining the capability to construct tailored nanostructure and 
devices for given applications and with controllability at the atomic and molecular 
level has driven a growing interest in creating new functional building blocks for self-
assembly of supramolecular constructs.171-172 One of the grand challenges in self-
assembly is to generate colloidal building blocks with multiple distinct chemical 
reactivities within the same particles from a monophasic solvent.173 In this regard, 
colloidal Janus particles which possess asymmetric structures and/or multiple surface 
functionalities have emerged as a subject of intense interest due to their capability of 
multiple distinct interactions with their environment.57, 174 The asymmetric nature of 
Janus particles enables directional interactions or facet selective reactivity, which are 
otherwise impossible to achieve in their isotropic counterparts.175 Directional binding 
capabilities along with shape anisotropy make these Janus particles attractive building 
blocks for numerous applications in different fields, such as catalysis,176 drug 
release,177 displays,178 sensors,179 water purification180 waterproof coatings,180 
surfactants,181 self-propelled carriers, and microprobes or sensors.182 In particular, 
amphiphilic Janus particles are conceptually similar to molecular amphiphiles found in 
other complex molecular systems such as phospholipids in cell membranes,56 and 
diblock copolymers.183                    
 The synthesis of Janus particles typically requires complex functionalization 
techniques such as emulsions,184 interfacial reactions,185 metal evaporation,186 biphasic 
electrodynamic jetting,187 and microfluidics178, 188 to impart shape anisotropy and 
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directional interaction capabilities to the core particles. While these synthetic 
strategies allow one to rationally design different types of Janus particles synthesis, 
they have been mostly limited to spherical core particles and may not be applicable for 
anisotropic core particles.  
 Although numerous studies have been performed for the preparation of Janus 
particles from isotropic cores, there have been only a handful of instances concerning 
non-spherical Janus particle synthesis reported in the literature. For example, Walther, 
et. al. developed a novel template assisted synthetic approach for the preparation of 
sheet and disk type Janus particles comprising a crosslink-able central polybutadiene 
layer of a triblock terpolymers such as polystyrene-block-polybutadiene-block-
polybutadiene (methyl methacrylate) (PS-b-PB-b-PMMA) (SBM) and two different 
outer sides of polystyrene and poly(tert-butyl methacrylate).189 Moreover, Liu, et. al. 
demonstrated a novel approach to fabricate linear, branched, and cyclic assemblies of 
gold nanorods and their structural isomers via a solvent controlled step-growth 
polymerization of thiol modified polystyrene preferentially attached to the two ends of 
gold nanorods by ligand exchange.190 The synthesis of anisotropic shape Janus 
particles such as biodegradable bicompartmental discoid, and rod-shaped 
microparticles has also been accomplished by electrohydrodynamic co-jetting of 
poly(lactide‐co‐glycoside) polymer solutions in organic solvent. However, because of 
the larger dimeter of the fluidic channels of the co-jetting device, this method can 
produce only particles larger than 1 µm.191 
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 Here we describe a facile method for stepwise and controllable functionalization 
of the two major surfaces of anisotropic gold nanoprisms to synthesize Janus 
nanoparticles from an anisotropic core particle. Using hexadecane thiol (HexaD) and 
thiolated DNA as surface coatings, we synthesized amphiphilic Janus nanoprisms that 
dynamically align themselves at the interface of water-chloroform mixture, despite 
being dispersible in water, and readily adsorb to both hydrophilic and hydrophobic 
surfaces. We also employed thiolated poly(ethylene) glycol (PEG) and thiolated DNA 
to synthesize a second set of Janus nanoprisms that undergo facet selective 
asymmetric assembly.165  
3.2 Result and Discussion 
3.2.1  Synthesis of Janus gold nanoprisms  
Synthesis of Janus nanoprisms was accomplished through a controllable coating 
mechanism (Scheme 3.1) consisting of three steps: 
 Step 1. Creating a positively charged surface for a monolayer deposition of 
negative charged nanoprisms. 
 Silica glass slides were functionalized with (3-Aminopropyl) triethoxysilane 
(APTES) to create a positively charged surface (see section 2.3.7 for details) 
Nanoprisms were deposited on the APTES surface via drop-casting for 5-10 
minutes, depending on the optical density (OD) of the nanoprisms suspension so 
that a monolayer of nanoprisms was formed. Specifically, 1 mL of an aqueous 
suspension of nanoprisms with 8-10 OD was deposited on the APTES surface for 
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10 mins. Then extra and unbound nanoprisms were taken out from the APTES 
surface, followed by a thorough wash with water and sonication for 10 mins to 












Step 2. Application of first coating molecules on the exposed facet of nanoprisms 
 The exposed nanoprisms facets were functionalized with either hexadecane 
thiol (HexaD) or thiolated poly(ethylene) glycol (PEG-SH)). In order to accomplish 
Coating A () 
pH~11, Sonication to lift off  








this, glass slides with a monolayer of nanoprisms were taken in either ethanolic 
solution of 1 µM of HexaD or a 100 µM PEG-SH solution in water for 3 hrs. Then 
the glass slides were removed from the coating solutions and excess coating 
molecules were removed by sonication and rinsing with ethanol for HexaD and 
water for PEG-SH. 
Step 3. pH induced lifting-off of nanoprisms from the surface with sonication and 
application of the second coating on the other facet.  
 Half-coated nanoprisms were then lifted off from APTES with 4-5 mild 
sonication in potassium carbonate at pH ~11, and the uncoated facet was 
subsequently functionalized with thiol modified DNA (See section 2.3.2 for details)   
3.2.2 Characterization of Janus nanoprisms 
 Nanoprisms were synthesized via DiaSynth process following literature 
precedent52 and purified through centrifugation to remove gold pseudospherical 
nanoparticle (See section 2.3.1 for details). As shown in Figure 3.1, the UV-Vis 
absorption peak for pseudospherical nanoparticle at 540 nm completely diminished 
after purification, indicating the success of the purification procedure and the 









   
 Amphiphilic HexaD | DNA-A and PEG | DNA-A  (where ‘|’ denotes coatings 
are on opposite sides of the nanoprisms) Janus nanoprisms were synthesized by 
applying HexaD or PEG as the first coating while nanoprisms were deposited on 
the APTES coated glass slide, and then a thiolated 21-mer adenosine-rich 
oligonucleotide (DNA-A ) strands as the second coating after lifting off from 
APTES surface. The success of coating of HexaD/PEG and DNA-A onto 
nanoprisms was confirmed by UV-vis absorption spectroscopy and zeta potential 
measurement (Figure 3.2 and Table 3.1). The surface plasmon resonance (SPR) 
maximum of nanoprisms is red shifted from 820 nm to 838 nm after HexaD 
































after lifting-off and coating DNA-A on the other facet (Figure 3.2A).The SPR 
maximum of the nanoprisms experienced a larger red shift in transitioning from 
uncoated to half-coated HexaD nanoprisms compared to transition from half-coated 
HexaD nanoprisms to HexaD | DNA Janus nanoprisms. 
This could be due to hydrophobic-hydrophobic interactions between neighboring 
nanoprisms after HexaD coating on one facet causing agglomeration of half-coated 
nanoprisms thereby affecting the perceived UV-visible spectrum. 
 The change in surface charge after modification of each major facet of 



















































Figure 3.2: Normalized UV-vis spectra of A) uncoated nanoprisms (blue), 
half HexaD coated (orange) and HexaD | DNA-A  Janus nanoprisms (gray), 
and B) Uncoated nanoprisms (blue), half PEG coated (green), and PEG | 
DNA-A  nanoprisms (red). 
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nanoprisms decreased from -35.4 ± 1.42 mV (uncoated nanoprisms) to -22.0 ± 1.65 
mV for half-coated HexaD nanoprisms (Table 3.1).  
 
 Despite the presence of the hydrophobic HexaD coating on one facet and the 
decrease in zeta potential, half-coated HexaD nanoprisms remained dispersible in 
water. This is consistent with a similar study, which reported that gold 
nanoparticles with 60% hydrophobicity were still dispersible in water.192 Coating 
with DNA on the uncoated nanoprism facet stabilized Janus nanoprisms as 
evidenced by an increase of Zeta potential from to -22.0 ± 1.65 mV to -33.7 ±2.14 
mV, (Table 3.1 and Figure 3.3A) due to the negatively charged phosphate 
backbone of DNA-A. 
 
Sample name Zeta potential, 
(mV) 
Average ± Std. 
dev. 
Sample name Zeta potential, 
(mV) 




-35.4 ± 1.42 Uncoated 
nanoprisms 
-35.7 ± 3.06 
HexaD | nanoprisms 
 
-22.0 ± 1.65 PEG | nanoprisms -18.1 ± 2.23 
HexaD | DNA1 Janus 
nanoprisms 
-33.7± 2.14 PEG | DNA1 Janus 
nanoprisms 
-28.5 ± 1.56 
Table 3.1: Surface Zeta potential of nanoprisms before and after functionalization. 
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 On the other hand, the localized surface plasmon resonance band of the 
nanoprisms red shifted from 845 nm to 854 nm after first coating PEG on one facet 
of nanoprisms (Figure 3.2B). The SPR band was then further red shifted to 860 nm 
after the application of DNA-A coating on the other facet. The success of coating 
was also confirmed by the change in particle Zeta potential upon successive coating 
events. The Zeta potential of nanoprisms expectedly dropped from -35.7 ± 3.06 mV 
to -18.1 ± 2.23 mV after PEG coating due to shielding of the nanoprisms surface 
charge by the non-ionic surface coating. This is consistent with a previous study, 
which showed that PEG-SH significantly decreases the surface charge of bare gold 
nanoparticles.193 The Zeta potential of the half-coated PEG nanoprisms increased to 
Figure 3.3: A) Representative Zeta Potential distribution graph of 
uncoated nanoprisms (red), HexaD | nanoprisms (Green), & HexaD | 
DNA-A nanoprisms (blue), and B) representative Zeta Potential 
distribution graph of Uncoated nanoprisms (red), PEG | nanoprisms 





28.5 ±1.56 mV after DNA-A coating, (Table 3.1 and Figure 3.3B), attributable to 
the negatively charged phosphate backbone of DNA-A . 
3.2.3 Amphiphilicity of Janus HexaD | DNA-A gold nanoprisms 
  In order to corroborate the dual nature and prove amphiphilicity of the Janus 
nanoprisms, Janus HexaD | DNA-A , HexaD | HexaD, and DNA-A | DNA-A 
nanoprisms were placed in three separate vials containing water layered on 









 HexaD | HexaD nanoprisms (Figure 3.4 left) dispersed in the chloroform layer 
due to the hydrophobicity of the HexaD coating. Conversely, DNA-A | DNA-A 
coated nanoprisms (Figure 3.4 right) were soluble in the water layer only due to 
Figure 3.4: Amphiphilic Janus nanoprisms in a dual-phase 
water /chloroform system. Left: HexaD | HexaD 
nanoprisms, Middle: HexaD | DNA-A Janus, and Right: 
DNA-A | DNA-A nanoprisms. 
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the hydrophilicity of the DNA coating. HexaD | DNA-A amphiphilic Janus 
nanoprisms lie at the interface of hydrophobic and hydrophilic solvent, (Figure 3.4 
middle), confirming the coexistence of hydrophobic HexaD and hydrophilic DNA-
A coating on the HexaD | DNA-A Janus nanoprisms. 
 It is worth noting that although HexaD | DNA-A Janus nanoprisms are 
dispersible in water in the absence of a chloroform layer, the particles dynamically 
realign themselves in response to a bulk hydrophilic/hydrophobic interface. One 
can assume that when Janus nanoprisms are suspended at the water/chloroform 
interface, the hydrophilic DNA-coated facet is oriented towards the water layer 
while hydrophobic HexaD layer orients towards chloroform to reduce the total 
interfacial energy. A similar phenomenon was reported in previous studies of 
isotropic core amphiphilic particles.194-195 Furthermore, Both DNA-A | HexaD, 
where nanoprisms were coated with DNA-A first and then HexaD, as well as 
HexaD | nanoprisms, where nanoprisms were coated with HexaD on only one facet 
while the other facet doesn’t have any coating also showed the same type of 
orientation at the water-chloroform interface. HexaD | DNA-A amphiphilic Janus 
nanoprisms lie at the interface of the hydrophobic and hydrophilic solvent, (Figure 
3.4 middle), confirming the coexistence of hydrophobic HexaD and hydrophilic 
DNA-A coating within the HexaD | DNA-A Janus nanoprisms.  
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3.2.4 Selective adsorption of Janus nanoprisms on both hydrophilic and 
hydrophobic surfaces  
 The presence of two mutually exclusive molecular coatings on the two major 
facets of Janus particles was confirmed via the selective deposition of HexaD | 
HexaD, HexaD | DNA-A , and DNA-A | DNA-A nanoprisms on either hydrophilic 
or hydrophobic surfaces. To accomplish this, silica glass slides were made 
hydrophobic or hydrophilic with the treatment of poly-siloxanes and APTES, 
respectively (See the Experimental for details). Figure 3.5 shows darkfield 
microscopy images of HexaD | DNA-A Janus nanoprisms along with DNA-A and 
HexaD single species nanoprisms on the hydrophilic and hydrophobic surfaces. 
Both SEM images (Figure 3.6) and the characteristic nIR dominance of the 
scattering spectra confirm the bright spots are due to nanoprisms (Figure 3.6 and 
Figure 3.5 insets). The λmax of the scattering spectra are blue shifted compared to 
the SPR maxima of colloidal coated and uncoated nanoprisms (Figure 3.2A) due to 
the low refractive index of air/silica glass compared to ethanol and water.196 DNA-
A | DNA-A nanoprisms are hydrophilic and hence adsorbed well on the APTES 
surface (Figure 3.5A and 3.6), while hydrophobic HexaD | HexaD nanoprisms did 
not bind to the hydrophilic APTES surface (Figures 3.5C and 3.6). Conversely, no 
binding between hydrophilic DNA-A | DNA-A nanoprisms and the hydrophobic 
poly-siloxane surface was observed (Figures 3.5D and 3.6), whereas HexaD | 
HexaD nanoprisms adsorbed well on the hydrophobic poly-siloxane surface, 
Figures 3.5F and 3.6. 
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  Additionally, HexaD-coated nanoprisms were randomly stacked together to form 
small aggregates as shown in the darkfield and SEM image (Figure 3F and S6) and 
displayed heterogenous broadening in the scattering spectrum, (Figure 3.5F inset). 
While HexaD | HexaD nanoprisms and DNA-A | DNA-A nanoprisms were only 
bound to either the poly-siloxane or APTES surface, amphiphilic Janus nanoprisms 
exhibited binding interactions with both APTES (Figure 3.5B and 3.6) and poly-
siloxane surfaces (Figure 3.5E and 3.6), presumably through their hydrophilic and 
hydrophobic facets, respectively. This confirms the presence of only DNA-A on 
one facet and HexaD coating on the other facet of Janus nanoprisms. Due to their 
hydrophilicity, DNA-A coated nanoprisms bind only to the APTES surface while 
HexaD-coated nanoprisms bind to only the poly-Siloxanes surface because of the 
hydrophobicity of the HexaD coating. However, amphiphilic Janus nanoprisms 
bind to both APTES and Poly Siloxanes surface due to their amphiphilicity. Note 
that while particle concentrations were different for different types (Janus, DNA-A 
| HexaD coated), the concentration for each type was consistent for the APTES and 
poly-siloxane surfaces. Also note that after drop casting, Janus particles (in ethanol) 
spread out evenly on APTES surface, but they form concentrated droplets on poly-
siloxanes, which contributed to more particle population for any given area on poly 






Figure 3.5: Darkfield images of coated nanoprisms on hydrophilic and 
hydrophobic surface. (A-C) Deposition of DNA-A | DNA-A, HexaD | DNA-A 
Janus amphiphilic, and HexaD | HexaD nanoprisms on APTES respectively. 
(D-F) Deposition of DNA-A | DNA-A, HexaD | DNA-A amphiphilic Janus, 
and HexaD | HexaD nanoprisms on poly-siloxane, respectively. The insets 











Figure 3.6: Representative SEM images of coated nanoprisms on hydrophilic and 
hydrophobic surfaces. (A-C) Deposition of DNA-A | DNA-A, HexaD | DNA-A 
Janus amphiphilic, and HexaD | HexaD nanoprisms on APTES, respectively. (D-F) 
Deposition of DNA-A | DNA-A, HexaD | DNA-A amphiphilic Janus, and HexaD | 
HexaD nanoprisms on poly-siloxane, respectively. The inset in F illustrates the 
formation of aggregates of HexaD-coated nanoprisms. 
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3.2.5 Asymmetric self-assembly behavior of Janus nanoprisms 
 To further demonstrate the efficiency of this asymmetric functionalization 
strategy of anisotropic nanoprisms and their potential application for high 
throughput nanocluster assembly, Janus PEG | DNA-A nanoprisms were allowed to 
react with 20 nm gold nanoparticles coated with DNA-A′′, which was 
complementary to DNA-A. A control experiment was also carried out by reacting 
DNA-A′′ coated nanospheres with two sets of nanoprisms, where one set was 
coated with DNA-A only and the other was coated with PEG only. Figure 3.7 
shows UV-Vis characterization of binding interactions between DNA-A′′ coated 
nanospheres and coated nanoprisms as well as representative SEM images of the 
various assemblies that resulted from those interactions. The SPR band of PEG 
coated nanoprisms remains unchanged after mixing with DNA-A′′-coated 
nanospheres (Figure 3.7A), indicating that DNA-A′′ nanospheres did not bind to 
PEG-coated nanoprisms as evidenced by SEM analysis (Figure 3.7D&G). 
 This is due to the lack of specific molecular interaction and the well-known 
proclivity of PEG-coated surfaces to resist adsorption events. On the other hand, 
the SPR band for both Janus and DNA-A-coated nanoprisms red-shifted and 
broadened after mixing with DNA-A′′ nanospheres, indicating strong binding 
affinity and specific molecular interactions between DNA-A′′ nanospheres, and 
both Janus and DNA-A-coated nanoprisms (Figure 3.7B and 3.7C). The shifts in 
the SPR are due to dipole-dipole interactions between the nanoprisms and 
nanospheres as the binding events bring them into close proximity. Notably, as 
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DNA-A′′ nanospheres are not asymmetrically functionalized and complementary 
DNA binding events are possible on both facets of the DNA-A | DNA-A 
nanoprisms, nanospheres bound to both facets of DNA- -coated nanoprisms form 
aggregates (Figure 3.7F&I), while Janus PEG | DNA-A nanoprisms showed 
Figure 3.7: UV- Vis characterization of binding interactions between DNA-A′′ 
nanospheres and (A) PEG | PEG nanoprisms, (B) Janus PEG | DNA-A nanoprisms, 
and (C) DNA-A | DNA-A nanoprisms and representative SEM images of binding 
interactions between DNA-A′′ coated nanospheres (D&G) PEG | PEG nanoprisms, 




binding interactions with DNA-A′′ nanospheres through one facet only (Figure 
3.7E&H ). Since DNA-A′′ nanospheres doesn’t show binding interaction with 
PEG coated surface (Figure 3.7D&G), the interaction between Janus particle and 
DNA-A′′ spheres could happen through DNA-A containing facet only, indicating 
successful PEG | DNA asymmetric functionalization. Unlike the interaction of 
DNA-A-coated nanoprisms and DNA-A′′ nanospheres, the reaction between Janus 
nanoprisms and nanopsheres didn’t result in aggregation due to the presence of 
PEG on one facet. This facet selective functionalization of anisotropic nanoprisms 
could be transferable to other anisotropic particles and hence could provide for 
powerful and complex assembly schemes for the synthesis of various novel 
nanostructures such as homo and hetero plasmonic dimers and trimers of 
anisotropic particles.197 
3.3 Conclusions  
 In summary, we have demonstrated a facile and versatile approach to controllably 
coat each major facet of gold nanoprisms with distinct molecular coatings to create 
Janus nanoprisms. The majority of the previous studies reported on Janus particles 
focused on creating anisotropy via surface modification of isotropic particles. To the 
best of our knowledge, this study is the first report of Janus nanoparticles that are 
synthesized from anisotropic gold nanoprisms. Our Janus nanoparticles are soluble in 
water, but dynamically orient themselves at the interface of hydrophilic-hydrophobic 
solvent systems, and exhibit facet selective interactions and asymmetric assembly 
behavior. The ability to coat one major facet of nanoprisms while keeping the other 
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major facet protected could provide a unique platform to fabricate multifunctional 




CHAPTER 4  
DNA-MEDIATED HIERARCHICAL ORGANIZATION OF 
GOLD NANOPRISMS INTO 3D SUPERLATTICES FOR 












4.1 Introduction  
 The assembly of nanoparticles into higher order plasmonic nanostructures with tunable 
spacing provides a path towards the development of tailorable functional materials with 
collective properties.198-200 In turn, these properties have been utilized for different 
applications including magnetics,201 nanoplasmonics,202 plasmon enhanced spectroscopies,203 
nanophotonics,204 and optoelectronics.205 Maximum utility of nanoparticle arrangement 
towards the realization of novel nanomaterials relies upon the ability to control the orientation 
and interparticle spacing within the superlattices, as well as crystal symmetry and 
geometry.206-207 Therefore, hierarchical organization of nanoparticle into plasmonic 
superstructure remains an important research topic in nanoscience.  
 Common top-down and bottom-up strategies to fabricate plasmonic superlattices includes 
Electron beam lithography,208-209 the Langmuir-Blodgett technique,210 the droplet evaporation 
method,211-212 interface-based assembly,213 and acoustic levitation techniques.214 All of these 
methods are either labor intensive and costly or inefficient in terms of reproducibility and 
specificity.100 DNA programmed assembly have emerged as a powerful route for hierarchical 
organization of nanoparticles with a high degree of control over the placement of 
nanoparticles.110, 215-218 The programmability of the DNA length, nucleobase sequencing 
specific complementary DNA interaction and simple interaction rules allow fine control in 
tuning the interparticle spacing, lattice symmetry, and nanoparticle composition.99, 115, 219 
These properties make DNA induced assembly of nanoparticles an ideal platform for 




 The ability of plasmonic nanoparticles to concentrate light into nanoscale volumes and  
create locally enhanced strong electromagnetic (EM) fields has been exploited for a broad 
array of applications such as optical antennae,220-221 ultrasensitive sensors,164, 222-223 
information processing,224 surface-enhanced Raman scattering (SERS),225-227 surface-
enhanced fluorescence (SEF),159, 228 and nonlinear optics.229 In particular, anisotropic shaped 
nanoparticles (rods, prisms) such as those made of Au and Ag have been a subject of intense 
interest in surface enhanced spectroscopies, for instance SERS227, 230 and SEF,160, 231 because 
of their sharp edges and vertices that greatly confine EM field, and the tunablity of their 
surface plasmon resonance throughout the visible and near-IR (NIR) regions.27, 232-233 In 
addition, assembling such nanoparticles in a predesigned spatial arrangement with gap sizes 
on the order of few nanometers leads to the formation of so called plasmonic hot spots due to 
nano gap effects.234-235 When a Raman reporter molecule or a fluorescence emitter is placed in 
those hot spots, strong SERS and SEF enhancement are observed due to strong near field 
coupling between neighboring nanoparticles that induces enormous EM field 
enhancement.236-237 The strength of EM field enhancement within the nanogap can be 
modulated by several key factors such as gap distance, particle shape/size, and excitation 
configuration.161 The concept of nanogap effects and the desirability of a high density of hot 
spots in the excitation laser focal volume has led to development of various 2D and 3D 
nanoparticle super lattices with extensive plasmonic coupling to obtain large-area of 
hotspots.238-239  
  Although programmable DNA assembly has been used to create well defined 3D lattices 
of anisotropic nanoparticles (gold nanorods, cubes, rhomboids, dodecahedrons),29, 128-129 the 
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formation of such superlattices of anisotropic gold nanoprisms using DNA has not been 
reported. In this study, we demonstrated a stepwise hierarchical fabrication of 3D plasmonic 
superlattices from polydisperse anisotropic gold nanoprisms and their application as SERS 
and SEF substrates. Using DNA as surface ligand and binding motif, prisms were organized 
into 1D crystals through preferential face-to-face binding, which maximizes DNA 
interactions. By subjecting 1D nanoprism crystals to extended annealing below the Tm of 
crystals, micrometer scale 3D plasmonic nanoprism superlattices composed of densely packed 
1D nanoprisms arrays were fabricated. As discussed in section 1.6, the assembly of DNA 
grafted nanoparticles leads to various complex plasmonic substrates with applications in 
SERS, SEF, and nanoplasmonics. Accordingly, in this study, we investigated the plasmonic 
activity and suitability of 3D plasmonic superlattices as SERS and SEF substrates. SERS 
analysis of a probe molecule, Methylene blue (MB) and photoluminescence (PL) analysis of a 
fluorescent dye, Alexa fluor Phalloidin, using 3D plasmonic superlattices revealed excellent 
SERS and PL enhancement.240 
4.2 Results and Discussion 
4.2.1 Face-to-face assembly of gold nanoprisms  
 Gold nanoprisms of size range 100-200 nm were synthesized via the Diasynth method 
and purified following literature precedents.164-165 Purified nanoprisms were densely 
functionalized with two complementary DNA strands, DNA-A and DNA-A′′ (see section 
2.3.3 for details). DNA induced hierarchical assembly of gold nanoprisms was 
accomplished in two steps. DNA functionalized nanoprisms were first assembled into 1D 
nanoprism arrays, which were then crystallized into 3D superstructures in the 2nd step via 
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long range DNA-driven interactions of 1D nanoprism stacks induced by a thermal 
annealing.  
 Gold nanoprisms are essentially 2D nanoobjects with two extended flat surfaces that 
are significantly larger than their thickness. As DNA mediated assembly of nanoparticles 
preferentially occurs through binding events that allow maximum hybridization 
interactions between complementary DNA linkers anchored on the particles’ surface, DNA 
functionalized prisms are expected to preferentially bind in an associative manner via their 
large flat surfaces.29 When an equimolar amount of two sets of nanoprisms functionalized 
with complementary DNA strands were mixed in a hybridization buffer and heated to 60-
65 ºC ( well above Tm ~41ºC of DNA strands), prisms assembled in a face-to-face manner 
leading to the formation of 1D crystals with lengths varying from 500 nm to 1.2 µm and 
consisting of 20-40 monomer units, as shown in Figure 4.1. The non-uniformity and size 
variation of the 1D nanoprisms crystals can be attributed to the size disparity of the 
individual building blocks. Prior theoretical and experimental works showed that 
polydispersity in colloid suspension suppresses the nucleation growth and leads to the 
formation of different crystallites.241-242  
 The melting temperature (Tm) of 1D nanoprism stacks was determined by monitoring 
the change in absorbance at the SPR max of the nanoprisms as a function of temperature. 
A control experiment was also carried out by similarly annealing a solution containing 
uncoated nanoprisms. The melting transition observed for 1D nanoprism stacks, as shown 
in Figure 4.1D, and the absence of such a profile for the control experiment (Figure 4.2A) 
as well as the lack of nanoprisms ordering for the control experiment (as shown in the 
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SEM image (Figure 4.2B)) indicate that nanoprisms were densely functionalized with 
DNA and the melting transition occurred due to the de-hybridization of complementary 
DNA strands that connected nanoprisms in 1D stacks. The Tm of 1D nanoprism stacks was 
found to be 68.5º C, determined by taking the first derivative of the melting curve and 
finding the full width of the peak at half maximum (FWHM= 7.2 ºC). The melting 
transition occurred over a relatively broad range, which could be attributed to the 
polydispersity of 1D nanoprism stacks.  
Figure 4.1: DNA mediated Face-to-face assembly of gold nanoprisms. A, 
B, C) Representative SEM images of DNA mediated face-to-face assembly 
of nanoprisms into 1D stacks, D) Melting profile of 1D nanoprisms crystals, 
monitored at the SPR max of nanoprisms. Inset shows the first derivative of 









































4.2.2 Long range ordering of nanoprisms into 3D superlattices  
 To achieve the long-range ordering and assembly of 1D nanoprism stacks into 3D 
superlattices, we adopted the near Tm annealing nanoparticle crystallization approach. 
Thermal annealing is often employed for long range ordering and crystallization processes 
in atomic and nanoscale systems.243-244 Thermal annealing below the Tm  reduces the 
complimentary DNA-mediated attraction energy and increase the frequency the de-
hybridization events, which promotes greater particle rearrangement and long range 
ordering without aggregate dissociation.114, 245 Prior to thermal annealing below Tm, the 
dispersion of 1D nanoprism stacks was spun down and resuspended in 250-300 µL 


























Figure 4.2: A) Melting profile of uncoated nanoprisms in DNA 
hybridization buffer, and B) SEM image of uncoated nanoprisms 




nanoprism stacks and crystal growth was not observed for dilute dispersions of stacks even 
with extended annealing at elevated temperatures.  
 Concentrated dispersions of 1D nanoprism stacks were gradually heated at 65ºC, 66ºC 
and 67.5ºC (below Tm~ 68.5ºC) for a period of 1-3 hours (see section 2.3.13 for details). 
Dark field microscopy was used to characterize the long-range ordering and crystallization 
of nanoprisms as thermal treatment progressed. As illustrated in dark field microscopy 
images, Figure 4.3, when the thermal annealing was applied, 1D nanoprism stacks started 
to hierarchically assemble into 3D superlattices. As the temperature increased from 55 ºC 




Figure 4.3: DNA mediated 3-D hierarchical organization of gold nanoprisms. Dark field 
microscopy images of long-range ordering of 1D nanoprism stacks at A) Room 
temperature, B) 65ºC, C) 66ºC and D) Just below Tm~ 68.5ºC. E, F) Representative low 




 Figures 4.3 E shows representative SEM images of nanoprism superlattices formed 
below Tm, which are highly polycrystalline with crystal defects and exhibit a size 
distribution from 5-15 µm in diameter. In contrast, previous studies on DNA driven 
assembly of gold nanoprisms afforded only simple 1D face-to-face stacking.29, 246 High 
magnification SEM images (Figure 4.3F) allow closer inspection of the 3D polycrystalline 
nanoprism superlattices, revealing both lateral and perpendicular orientations of 1D 
nanoprism stacks and the presence of crystal defects within the superlattices. The 
polycrystallinity of the nanoprism superlattices differs from the well-defined hexagonal or 
honeycomb superlattices achieved by salt mediated crystallization of nanoprisms,247-248 and 
those predicted by theoretical study on the phase behavior of polyhedral particles.249 The 
lack of well-defined hexagonal or honeycomb superlattices of nanoprisms could be due to 
high polydispersity (around 30-40%) of the nanoprisms used in this study. Mirkin and 
coworkers showed that having particles (spheres) with polydispersity less than 10% is 
crucial to create well defined DNA-induced programable crystalline structures.114  
4.2.3 Surface enhanced Raman scattering (SERS) of 3D nanoprism superlattices 
 Close-packed colloidal nanoparticle superlattices give rise to enhanced plasmonic 
activity. We assessed the plasmonic activity of the 3D nanoprism superlattices for 
applications in surface enhanced spectroscopies such as surface enhanced Raman 
scattering (SERS) and surface enhanced florescence (SEF). The SERS enhancement 
performance of 3D nanoprism superlattices was studied by the SERS analysis of 
methylene blue (MB) as a model compound. MB is chosen as the model compound for 
SERS analysis because of its well-known characteristic Raman bands. Prior to Raman 
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analysis, nanoprism superlattice substrates were deposited on a glass slide. The 
hierarchical organization of the nanoprisms remains unchanged after drop casting on glass 
substrates followed by air-drying as shown in the SEM image, Figure 4.4A. All Raman 
analyses were carried out on clean silica glass slides under the same experimental 
conditions, using an excitation wavelength of 633 nm. Figure 4.4B shows the Raman 
spectra of a bare glass substrate, bare nanoprism superlattices, and a 10-3M aqueous 
solution of MB on either a glass substrate or 3D nanoprism superlattices. The Raman 
spectrum recorded for 10-3 M MB on nanoprism superlattices reveals strong Raman peaks 
with good signal to noise ratio and characteristics peak positions of MB consistent with 
previous reports.250-252 Some of the most prominent bands in the SERS spectra of MB are 
identified at 1621 cm-1 for (C–C) ring stretching, 1394 cm-1 for (C-N) symmetrical 
stretching, 1298 cm-1 for (C–H) in-plane ring deformation, 1154 cm-1 for (C-H) in-plane 
bending, and 449 cm-1 for (C–N–C) skeletal deformation mode. These peaks were not 
observed in the Raman spectra of the nanoprism superlattices and glass substrates without 
MB, indicating that SERS signals can be assigned to the probe molecule. While Raman 
analysis of 10-3 M MB on 3D nanoprism superlattices reveals a highly structured spectrum 
with well-defined characteristic peaks of MB, only two peaks with weak intensities were 
observed at 1621 cm-1 and at 450 cm
-1 for the same concentration of MB using glass 
substrates, indicating that the 3D nanoprism substrates are highly SERS active. 
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 The strong SERS enhancement for the 3D substrates is attributed to the presence of 
3D close-packed organization of nanoprisms columnar arrays, which leads to the formation 
of a large ensemble of plasmonic hot spots due to enhanced plasmonic coupling and field 
enhancement. The significant enhancement of Raman intensity for the band at 1621 cm-1 
indicates a favorable orientation and adsorption of probe molecules to the nanoprisms’ 
surface.253 
Figure 4.4: A) Representative SEM image of 3-D hierarchical organization 
of gold nanoprosms on a glass slide. B) Raman spectrum of a pristine glass 
substrate (black) and 3D nanoprism superlattice (orange) , and SERS spectra 
of 10 -3 MB adsorbed on glass substrate (green) and 3D nanoprism 
superlattices (dark red), and C) SERS spectra of MB on 3D nanoprism 
superlattices at different concentrations. 
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 To determine the molecular detection limit of 3D nanoprism superlattices, SERS 
spectra for a series of concentrations of MB were collected. Figure 4.4C shows the SERS 
analysis of MB at different concentrations ranging from 10-5 to 10-10 M. The intensity of 
SERS peaks for MB gradually dropped as the concentration of MB decreased from 10-5 to 
10-10 M. The SERS spectrum shows a weak peak at 1621 cm-1 for a very low MB 









 The SERS enhancement factor (EF) of the 3D nanoprism superlattices was calculated 
from the SERS intensity of the prominent band at 1621 cm-1 (10-9 M MB) and Raman 
intensity of the corresponding band (10-3 M MB), considering the bare glass substrate as 































 The SERS enhancement of MB on the 3D nanoprism superlattices was assessed by 







where ISERS and I Raman refer to the peak intensity at 1621 cm
-1 in the SERS spectrum of 10-7 
M MB on the 3D SERS substrate and in the Raman spectrum of 10-3 M MB on the 
reference glass substrate, respectively. CSERS and CRaman refers to the concentration of MB 
in the SERS and Raman experiment, respectively. 
The SERS signal intensity at 1621 cm-1 for 10
-9 M MB, ISERS = 67.7 cps, and normal 
Raman signal intensity at 1621 cm-1 for 10






= 2.91 × 106 
The EF value is estimated to be 2.91×106. These results obtained using 3D nanoprism 
superlattices are comparable to or better than that of other nanoparticle-based plasmonic 
SERS substrates for the SERS analysis of MB.251-252, 254-256 
 In order to assess the reliability and reproducibility of 3D nanoprism superlattices as 
SERS substrates, we adopted a statistical approach to quantify the variation in the SERS 
response between different samples as well as between different spots on a particular 
sample. To determine sample to sample variation, SERS measurements were recorded for 
5 different samples and for each sample, the signal intensity at 1621 cm-1 was measured 
from at least 6 different spots. Figure 4.6A shows sample to sample variation in the 
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average SERS counts at the 1621 cm-1 across 5 different samples. The average signal 
intensity across the 5 samples was 19194 counts with a coefficient of variation (CV) of 
only 5.6%, indicating excellent reproducibility of the 3D nanoprism superlattices as SERS 
substrates.  
 The spot-to-spot variation was determined by measuring SERS intensity at 1621 cm-1 
from more than 25 spots of a sample. Figure 4.6B shows spot to spot variation in the 
SERS response at 1621 cm-1 and the average SERS intensity for the 3D nanoprism 
superlattices was 19619 counts with a CV of 28%. 
Figure 4.6: A) Sample-to-sample SERS intensity variation at 1621 cm-1 
recorded from 5 different substrates. Error bars represent standard deviations 
of SERS intensity at 1621 cm-1 from at least 6 spots, B) Spot-to-spot variation 
in the SERS intensity at 1621 cm-1 for the 3D nanoprism superlattices. All 































































 The large spot-to-spot variation in the SERS signal can be attributed to dispersity in 
the crystal size, which results in varying degrees of electromagnetic field enhancement and 
plasmonic coupling. To investigate the crystal size effect on the SERS enhancement, we 
recorded SERS spectra of 10 different spots or 3D nanoprism superlattices of different 
sizes. As shown in Figure 4.7, the larger the crystal size, the stronger the SERS 
enhancement, which is consistent with a previous study on the SERS enhancement of 
nanoparticle-based metamolecules.163  
Figure 4.7: Bright field microscopy images and corresponding SERS 
spectra (10-4 M MB) of 10 different spots. 
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4.2.4 Surface enhanced fluorescence spectroscopy of 3D superlattice  
 Plasmonic metal nanoparticles have the ability to confine surface plasmon resonance 
in a small volume, leading to remarkable enhancement of local electromagnetic fields, and 
when placed near emitters or fluorophores such as fluorescent dyes or quantum dots, can 
increase emission rate and quantum yield.160  
 We examined the surface-enhanced fluorescence enhancement capability of 3D 
nanoprism superlattices by measuring photoluminescence (PL) of a fluorescent dye, Alexa 
flour 647 phalloidin, with and without nanoprism superlattices. Alexa flour phalloidin 647 
is widely used to visualize and quantitate F-actin in tissue sections, cell cultures, or cell-
free preparations. PL measurements were collected by illuminating the sample with a 633 
nm HeNe laser. The PL enhancement factor was calculated by normalizing the 
fluorescence of the dye on 3D nanoprism substrates to that of the control (without 3D 
nanoprism superlattice). Figure 4.8 shows the PL spectra of the dye on 3D nanoprism 
superlattices and control glass substrate (see Experimental details for details). When the 
dye was excited on 3D nanoprism superlattices, significant enhancement (maximum of 5.5 
folds) was observed, which could be attributed to strong interaction between dipole 

















  In summary, we have demonstrated a DNA-mediated hierarchical assembly of 
polydisperse gold nanoprisms into 3D superlattices. DNA functionalized nanoprisms were 
first assembled into 1D columnar stacks of nanoprisms. Thermal annealing below Tm of 1D 
nanoprism stacks facilitated long range interactions between 1D nanoprism stacks and 
therefore assembly into 3D superlattices with sizes ranging from 5-15 µm in diameter. The 
large number of closely arranged nanoprism arrays in the 3D crystal led to the formation of an 
ensemble of plasmonic hot spots, which gave rise to significant enhancement in SERS and 

















 Dye on Nanoprisms
supperlattice
Dye only
Figure 4.8: PL spectra of Alexa Fluor Phalloidin 647 with 
(blue) and without 3D nanoprisms superlattices (orange) on a 
glass substrate at laser wavelength of 633 nm. 
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SEF. SERS analysis of a probe molecule, methylene blue, using a 3D nanoprism substrate 
showed significant enhancement (<106), high detection sensitivity (as low as 10-10M) and 
excellent reproducibility. Moreover, PL analysis of a fluorescent dye, Alexa Fluor Phalloidin 
647 using the 3D substrate showed a maximum of 5.5-fold increase in PL intensity of the dye. 
These findings demonstrate that 3D superlattices of anisotropic nanoparticles could find 




CHAPTER 5       
DNA-INDUCED ASSEMBLY OF GOLD NANOPRISMS 








 The application of micron sized spherical polymer beads as a carrier medium or 
support for immobilizing metal nanoparticles has proven to be a useful tool for the 
fabrications of large areas of SERS substrates.142, 258-259 The plasmonic coupling 
between neighboring  nanoparticles on the beads’ surface in their assembly create 
plasmonic hot spots, which leads to significant Raman enhancement.260 Moreover, the 
presence of a large number of hot spots at the focal volume of the Raman excitation 
laser afforded by large surface area of polymer beads are useful and desirable for 
SERS- based sensing platform.261 Various methods have been proposed to immobilize 
a dense coverage of metal nanoparticles on the beads.132-133, 137, 141, 262-263 Lee and 
coworkers reported a solvent controlled swelling and hetero coagulation method to 
synthesize highly light scattering metal nanoparticle-coated polystyrene (PS) beads for 
plasmonic and SERS applications.130-131 The immobilization of gold nanostars on PS 
beads to construct multifunctional SERS probes was also reported.264 Furthermore, the 
high density loading of gold nanospheres using programmable DNA interaction to 
construct 3D SERS substrate has also been reported.141 Several other methods such as 
covalent coupling, in-situ polymerization,265 and phase inversion precipitation 
methods have been explored for the fabrication of polymer-nanoparticle composite 
SERS substrates.258, 262 
 Anisotropic nanomaterials that exhibit unique shape-dependent plasmonic 
properties are particularly attractive for SERS based metamaterials.266 Anisotropic 
nanoparticles possess sharp tip and edges that can confine and enhance electric field 
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several order of magnitude higher than incident light, leading to formation of hot spots 
for SERS enhancement.267 Moreover, the tunability of plasmon resonance of these 
anisotropic shape particles over a wide spectral region allows flexibility in designing 
SERS based sensor.268-269 The organization of anisotropic particle with controlled 
orientation and interparticle distance leads to strong -near-field plasmonic coupling, 
which provides additional hot spot for SERS enhancement.270 For instance, the 
assembly of nanoprism bowtie configurations with a gap size of only 5 nm was 
accomplished by using DNA origami techniques.162 The tip-to-tip field coupling 
between nanoprisms produces strong electromagnetic field enhancement, which led to 
a mean SERS enhancement factor of about 2.6×109 and an electromagnetic field 
enhancement of about 2.3×103. Additionally, the assembly of gold nanorods has been 
extensively studied for SERS- based detection. Various 3D assembly of gold nanorods 
have been reported for sensitive detection food contaminant,271 pesticides,272 and 
infectious agents273. Although there have been numerous reports on the 3D assembly 
of gold nanorods, the organization of nanoprisms in tip-to-tip, edge-to-edge and tip-to-
edge orientation over a large surface area and 3D domain has not been realized. 
 Most previous reports on core shell polymer nanoparticle composite systems 
focused on loading gold or silver nanospheres on PS beads.130, 141-142 In addition, while 
several of these methods were successful in increasing particle density on the beads’ 
surface and creating plasmonic hot spots, beads remained isolated from one another, 
which limited the number of hot spots at the focal volume during SERS analysis. Here 
we report a DNA-based assembly of anisotropic gold nanoprisms and PS beads into a 
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large ensemble of nanoprism-coated PS beads for fabricating a large area of 
homogenous SERS substrate. Micron sized PS beads were first immobilized with a 
dense monolayer of nanoprisms to construct PS beads/nanoprism conjugates through 
DNA hybridization. The initially formed PS beads/nanoprism conjugates were 
subjected to heating below the melting transition point of the conjugates, followed by 
slow cooling, which induced the assembly of beads into larger PS beads/nanoprism 
aggregates comprising 20-50 PS beads that are densely coated nanoprisms. The close 
packed arrangement of nanoprisms on PS beads’ surface generated multiple hot spots 
in each bead. Additionally, assembling these nanoprism-loaded beads into a larger 
stack led to the formation a large areas of 3D SERS substrate with a larger number of 
plasmonic hot spots. SERS analysis of a probe molecule, methylene blue, using the PS 
beads/nanoprism 3D SERS substrate demonstrated an excellent EF (<105) and a 
detection limit of 10-10 M.274  
5.2  Results and Discussion 
5.2.1 Conjugation of nanoprisms to carboxylate-modified PS beads 
 Conjugation of nanoprisms to carboxylate-modified PS beads was carried out 
in two steps (Scheme 5.1). In the first step, carboxylate-modified PS beads were 
conjugated with an amine-modified thymine rich ss-DNA (DNA-A′) via 
EDC/sulfo-NHS amide bond coupling chemistry (see section 2.3.14 for details) 
Due to repulsive nature of negatively charged DNA linkers on the PS beads, DNA-
A′ functionalized PS beads were well dispersed in 0.01 M PBS, as shown by 




 In the second step, nanoprisms that are densely functionalized with adenine 
rich ss-DNA, DNA-A were coated on thymine rich DNA-A′ functionalized PS 
beads using complementary DNA-DNA interaction between DNA-A and DNA-A′ 
( see section 2.3.15 for details). 
Scheme 5.1: Schematic representation of DNA induced loading of gold nanoprisms onto 
PS beads.  
Figure 5.1: Fluorescent microscopy image of dispersed 
PS beads after DNA functionalization. 
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5.2.2 Characterization of PS beads/nanoprism conjugates  
 The DNA-induced interaction between nanoprisms and PS beads resulted in 
the dense immobilization of nanoprisms on the PS bead surface, leading to the 
formation of PS beads/nanoprism conjugates, which were fully characterized by 
UV-Visible spectroscopy, dynamic light scattering (DLS) and SEM imaging. No 
PS beads/nanoprism conjugation was observed when uncoated PS beads were 
mixed with uncoated nanoprisms under the same conditions, as shown by SEM 
imaging (Figure 5.2), indicating specific complementary DNA-DNA interaction 









 To elucidate the effect of solution ionic strength on the DNA-mediated binding 
events between nanoprisms and PS beads, the conjugation of nanoprisms to PS 
Figure 5.2: Representative SEM image showing very 
little binding between uncoated PS beads and uncoated 
gold nanoprisms.  
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beads was carried out at different salt concentrations, i.e. 0.1 M, 0.2 M and 0.3 M 
NaCl. Figure 5.3A shows the size distribution of PS beads/nanoprism conjugates at 
different salt concentrations and representative SEM images showing the successful 
immobilization of nanoprisms onto PS beads. The first peak at around 100 nm in 
the DLS graph denotes the presence of unbound nanoprisms while the peak at 
around 1 µm hydrodynamic diameter represents PS beads/nanoprism conjugates 
that consists of nanoprism-coated single bead or dimers of beads as shown in SEM 
Figure 5.3: A) DLS size characterization of salt effect in DNA induced binding 
between nanoprisms and PS microbeads, B) & C) Representative SEM image of PS 
beads/ nanoprisms conjugates, i.e. nanoprisms coated single or dimers of beads, and 
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images, Figure 5.3B &C, and the peak at around 5 µm hydrodynamic diameter 
denotes PS beads/nanoprism conjugates, i.e. bead clusters, where 3-7 PS beads are 
bound together via the two major facets of nanoprisms, Figure 5.3D. 
 The relatively larger DLS peak at around 100 nm hydrodynamic diameter for 
the 0.1 M ionic strength sample compared to samples at 0.2 M and 0.3 M ionic 
strength indicates that there are more unbound nanoprisms for 0.1 M ionic strength 
and that the loading efficiency was indeed higher for 0.2 M and 0.3 M salt 
concentrations than 0.1 M salt concentration. However, the quantitative effect of 
solution ionic strength on the loading density of nanoprisms was apparently 
insignificant and there was no particular trend observed from SEM images. 
Previous studies on DNA-mediated loading of gold nanospheres on polymer beads 
demonstrated that the loading density of nanoparticles significantly increases with 
increasing salt concentration.141 This difference in salt concentration dependence 
between the loading of anisotropic nanoprisms and nanospheres onto polymer 
beads could be attributed to the enhanced binding strength of nanoprisms, which is 
several million times higher than their nanosphere counterparts, stemming from the 
two major flat surfaces of prisms that can accommodate significantly more local 
DNA linker coating density than nanospheres.24 
  However ionic strength did play a significant role in the growth of PS 
beads/nanoprism clusters. As the salt concentration increased, the DLS peaks at 
larger diameters gradually increased, indicating the formation of a larger number of 
bead clusters at higher salt concentration. This is because high solution ionic 
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strength sufficiently screens the long-range electrostatic repulsion between beads 
and facilitates close contact between neighboring beads for short range hydrogen 
bonding between complementary DNA strands.  
5.2.3 Salt effects on the conjugation of nanoprisms onto PS beads 
 Figure 5.4 shows the UV-Vis absorption spectra of PS beads/nanoprisms 
conjugates at different salt concentrations. The SPR absorbance of nanoprisms in 
the conjugates exhibits a significant red shift from the SPR absorbance of 
nanoprisms at 895 nm, Figure 5.4A. The red shift in absorption band upon 
conjugation of nanoprisms to PS beads can be attributed to the interaction of 
nanoprisms with the PS beads as well as neighboring nanoprisms on the PS beads 
surface. Absorption spectra also reveal the effect of ionic strength on the formation 
of PS beads/nanoprisms conjugates. For instance, the SPR band of nanoprisms 
A 
Figure 5.4: A) UV-Vis characterization of salt effect in DNA induced binding 
between larger nanoprisms and PS beads, B) UV-Vis characterization of salt 





were increasingly red shifted with increasing salt concentration from 0.1 M to 0.3 
M, Figure 5.4A & B, indicating that higher ionic strength increases the formation 
of PS beads/nanoprisms cluster.  
5.2.4 Fluorescence quenching of PS beads at different salt concentration 
 Gold nanoparticles can function as highly efficient fluorescence quenchers 
when the fluorophore is placed in proximity of nanoparticles.275-278 This 
phenomenon of fluorescence quenching has been utilized for molecular sensing 
applications279 and energy transfer assays for the detection of biomolecules.280 
Moreover, conditional quenching or selective quenching of fluorescence can find 
applications in negative sensing.281 The efficiency of fluorescence quenching by the 
nanoparticle is dependent on the distance between nanoparticle and fluorescent 
object, i.e. fluorophore and chromophore. Dulkeith, et al. investigated the 
mechanism of fluorescence quenching of cy5 for distances ranging from 2–16 nm 
between the nanoparticle and cy5.282 They showed that at all examined distances, 
the fluorescence intensity or efficiency of cy5 was reduced due to a reduced 
radiative decay rate of cy5. In this study, we used two 21-mer complementary ss-
DNA strands, which are intertwined to form double helices in PS beads/nanoprism 
conjugates. Therefore, the approximate distance between the nanoprisms and PS 
beads would be around 7 nm, excluding salt-induced contraction of DNA. At all 
salt concentrations, the fluorescence intensity of the PS beads in PS 
beads/nanoprism conjugates was significantly reduced compared to the intensity of 
uncoated PS beads of the same concentrations. 
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 The emission spectra of fluorescent PS beads in PS beads/nanoprism 
conjugates at various salt concentrations is shown in Figure 5.5. For all salt 
concentrations, the fluorescence of PS beads was almost quenched, and the 
intensity was reduced by almost 78% due to damping of PS beads’ molecular 
dipole by the attached nanoprisms.283 This could be due to phase induced 
suppression of the radiative decay rate of the fluorescent PS beads, which are 
tangentially oriented to the nanoprisms surfaces.282, 284 The effect of salt 
concentration on the fluorescence quenching was insignificant, which could be 
attributed to the lack of salt effect on the loading density of nanoprisms onto PS 
beads. 
5.2.5 Formation of 3D PS beads/Nanoprism aggregates 
 DNA-linked nanoparticle and microparticle aggregates exhibit cooperative 
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heating above a characteristic temperature, which dissociates duplex DNA 
structures linking the particles into two complementary DNA strands, DNA-
induced particle aggregates show a sharp melting transition, which is an indicative 
of dense functionalization of particles in DNA mediated particle assembly systems. 
In order to determine the characteristic melting temperature, PS beads/nanoprisms 
conjugates were heated from 45-90 ºC at a ramp rate of 0.25ºC/min. During the 
heating process, the change in absorbance at surface plasmon resonance band (895 
nm) of nanoprisms was monitored as a function of temperature. A control 
experiment was also carried out by similarly annealing a solution containing 
uncoated nanoprisms and uncoated PS beads. The sharp melting profile for the PS 
beads/nanoprism conjugates (Figure 5.6A), as monitored via UV-vis spectroscopy, 
















































Figure 5.6: A) Melting profile of PS beads/nanoprism conjugates, 
monitored at 895 nm (the SPR of nanoprisms), B) Melting profile of 
control experiment, i.e. mixture of uncoated nanoprisms and uncoated PS 
beads in a hybridization buffer, monitored at 895 nm. 
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confirmed the dense functionalization of DNA on nanoprisms and PS beads and 
DNA-mediated interaction between PS beads and nanoprisms in PS 
beads/nanoprism conjugates. Dehybridization of DNA linked PS beads/nanoprism 
conjugates occurred over a narrow temperature range and the melting point was 
determined to be the inflection point at 78ºC of the melting curve, approximately 
37ºC higher than Tm of the DNA linkers. This significant increase in Tm of PS 
beads/nanoprisms aggregates could be attributed to enhanced binding between 
nanoprisms and PS beads, and the formation of beads’ cluster.  
 In order to create a large area of 3D homogenous SERS substrates, we adopted 
a DNA-induced nanoparticle/polymer bead crystallization approach, i.e. thermal 
annealing followed by slow cooling. Initially formed PS beads/nanoprism 
conjugates were heated to 65-70ºC, which is below the melting point of the PS 
beads/nanoprism conjugates, yet higher than the melting point of the DNA linkers. 
Thermal annealing below the melting point of the conjugates ensures the intactness 
of PS beads/nanoprism conjugates, while slow cooling and heating above the Tm of 
the DNA strands allows the long range ordering of PS beads via DNA induced 
interaction between DNA-A coated nanoprisms and DNA-A′ coated PS beads, 
yielding a large ensemble/stack of PS beads (PS beads/nanoprism aggregates). The 
resulting ensemble has a diameter ranging from 10-15 µm and consists of 25-50 PS 
beads that are bound through nanoprisms and DNA, Figure 5.7A&B.  
 Each bead in the aggregates contains a number of closely spaced nanoprisms 
with various orientations such as tip-to-tip bowtie structures, tip-to-edge, edge-to-
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edge as well as interstitial orientations, with gap distances between prisms ranging 
from 1-20 nm. 
 Depending on the gap and orientations, various arrangements of nanoprisms on 
the PS bead surfaces lead to varying degrees of plasmonic coupling and 
electromagnetic field enhancement in the vicinity of the nanoprisms’ sharp edges 
and tips. Thus, the junctions of a large number of closely positioned nanoprisms in 
the 3D stacks of PS beads promotes the formation of high densities of plasmonic 
hot spots that could lead to strong SERS enhancement. 
A 
B 
Figure 5.7: A) &B) Representative SEM images of 3D 




5.2.6 SERS activity of 3D PS beads/Nanoprism aggregates 
 The performance of 3D PS beads/nanoprism aggregates as a SERS substrate 
was evaluated using the common Raman reporter molecule methylene blue (MB). 
MB is chosen as the model compound for SERS analysis because of its well-known 
characteristic Raman bands. Figure 5.8A shows the Raman spectra of 3D PS 
beads/nanoprism aggregate substrates without MB and with a 10-4 M aqueous 
solution of MB on three substrates: PS beads aggregates, glass substrate and 3D PS 
beads/nanoprism aggregates. All the spectra were collected under the same 
conditions, using an excitation wavelength of 633 nm.  
Figure 5.8: A) Raman spectrum of PS beads/nanoprism substrate (green) and 
SERS spectra of MB adsorbed on glass substrate (blue), PS bead aggregates 
(Red), & PS beads/nanoprism aggregates (black), B) SERS spectra of MB on 3D 





 Due to smaller Raman cross section, only two characteristic peaks with weak 
intensities were observed in the Raman spectrum for the 10-4 M MB on both glass 
substrate and PS beads aggregates. On the other hand, all the characteristic peaks of 
MB were observed with good signal to noise ratio in the SERS spectrum recorded 
for the same concentration of MB on the 3D PS beads/nanoprism aggregate 
substrates ( see section for MB peak assignments). These peaks were not observed 
for the Raman analysis of the SERS substrate and glass substrate without MB, 
indicating that they originate from the MB. The strong signal enhancement for the 
band at 1621 cm-1 indicates a favorable orientation of probe molecules on the 
nanoprism surface, presumably through the fused phenyl and thiazine rings of the 
probe molecule.253   
 While Raman analysis of 10-4 M MB on PS beads/nanoprism aggregates 
substrate reveals a highly structured spectrum with well resolved characteristic 
peaks of MB, only two peaks with weak intensities were recorded for the same 
concentration of MB on PS bead aggregates and glass substrates, indicating that the 
3D PS beads/nanoprism aggregates are highly SERS active. The strong SERS 
enhancement for the 3D aggregates is attributed to the presence of plasmonic hot 
spots due to enhanced coupling and field enhancement from a close packed 
arrangement of nanoprisms. Notably, the Raman spectrum of MB on PS bead 
aggregates is masked by the autofluorescence of the PS beads, resulting in a larger 
fluorescence background and weaker Raman signal in the spectra. This is due to the 
fact that the laser excitation energy is close to the electronic transition energies of 
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PS beads.286 However, due to quenching of PS beads’ fluorescence by the 
nanoprisms, the Raman spectra of MB on 3D PS beads/nanoprism aggregate and 
3D PS beads/nanoprism aggregates themselves didn’t show fluorescence 
background. The molecular detection limit of 3D PS beads/nanoprism aggregates 
was determined by recording SERS spectra of MB at different concentration 
varying from 10-6 to 10-10 M, Figure 5.8B. The intensity of SERS peaks for MB 
expectedly decreased as the concentration of MB decreased. An obvious SERS 
peaks at 1621 cm-1 were still clearly visible at a very low MB concentration of 10-10 
M, indicating a high detection sensitivity of 3D PS beads/nanoprism aggregates.  
 As compared to SERS enhancement of PS beads/nanoprism aggregates, the 






















10-4 M MB in PS beads/Nanoprisms aggregate
10-4 M MB in randomly dispersed nanoprisms on glass substrate 
Figure 5.9: SERS intensity of 10-4 M MB using 3D PS 
beads/nanoprism aggregates (green) and randomly dispersed 
nanoprisms (dark red). 
108 
 
dispersed nanoprisms on glass substrate was substantially lower, which highlights 
the importance of densely packed arrangement of nanoprisms for high SERS 
efficiency. 
 To assess the reproducibility in SERS response of PS beads/nanoprism 
aggregates, SERS intensity at 1621 cm-1 was measured for 10-7 M MB from 15 
different PS beads/nanoprisms aggregates, Figure 5.10. The average signal 
intensity at 1621 cm-1 for the PS beads/nanoprism aggregates was 3580.4 counts 
with a coefficient of variation (CV) of only 18%, indicating that good 


























































SERS intensity at 1621 cm-1
Coefficient of variation (CV) ~ 18% 
 
Figure 5.10: Spot-to-spot variation in SERS intensity of MB 
(10-7M) at 1621 cm-1 for the PS beads/nanoprism aggregates 
(SERS measurements were collected from 15 different spots). 
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 The SERS enhancement factor (EF) of 3D PS beads/nanoprism aggregates was 
calculated from the SERS intensity of the prominent band at 1621 cm-1 (10-7 M 
MB) and Raman intensity of the corresponding band (10-4 M MB), considering 
bare glass substrates as the reference (see Experimental details for details). The 
SERS enhancement of MB on the 3D PS beads/nanoprism substrate was assessed 





where ISERS and IBULK refer to the peak intensity at 1621 cm
-1 in the SERS spectrum 
of 10-7 M MB on the PS beads/nanoprism substrate and bulk 10-4 M MB on the 
reference glass substrate, respectively. NSERS and NBULK refers to the number of 
adsorbed MB molecules within the laser spot on the 3D substrate and the number 
of adsorbed MB molecules in a bulk sample (glass substrate), respectively. 
Number of MB molecules excited for Raman (NBulk): 
Deposition 10 uL of 10-4 M of MB produced a spot of approximately 5 mm 






Table 5.1: Calculation of the number of MB molecules excited for Raman    
Area of MB spot size =0.13 𝑐𝑚2              
Area of laser spot size = 0.83 µ𝑚2 
Initial bulk MB moles = 1 × 10−9       
Number of bulk MB molecules irradiated, NBulk MB molecules = 2.6 × 107 MB 
molecules 
Number of MB molecules excited for SERS (NSERS): 
Deposition 10 uL of 10-7 M of MB produced a spot of approximately 5 mm 
diameter on the 3D SERS substrate 
 
Table 5.2: Calculation of the number of MB molecules excited for SERS  
Initial bulk MB within 3D substrate moles = 1 × 10−12 moles 
Number of estimated nanoprisms within laser spot ≈20 (Estimated from SEM image)   
Surface area of a single nanoprism =
√3𝑎2
2
+ 3𝑎ℎ = 0.01 µ𝑚2    ( 𝑒𝑑𝑔𝑒 𝑙𝑒𝑛𝑔𝑡ℎ, 𝑎 ≈
91.25 𝑛𝑚, 𝑡ℎ𝑖𝑐𝑘𝑛𝑒𝑠𝑠, ℎ ≈ 10 𝑛𝑚) 
Number of MB molecules adsorbed per nanoprism MB molecules= 306 𝑚𝑜𝑙𝑒𝑐𝑢𝑙𝑒𝑠 
Number of MB molecules excited for SERS, NSERS MB molecules = 6.1 × 103 MB molecules 
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The SERS signal intensity at 1621 cm-1 is 481.4 cps and normal Raman signal 





= 1.09 × 105 
The EF value for the 3D SERS substrate is estimated to be 1.09×105. The SERS 
performance of the 3D SERS substrate is comparable to or better than that of other 
nanoparticle-based plasmonic SERS substrates for the SERS analysis of MB.251-252, 
254-256 
5.3 Conclusion  
 In conclusion, we have demonstrated a DNA mediated self-assembly strategy for 
the fabrication of large area homogenous SERS substrates, i.e. PS beads/nanoprism 
aggregates, from PS beads and gold nanoprisms. The conjugation of nanoprisms to PS 
beads was carried out using DNA–DNA hybridizations and the effect of solution ionic 
strength on the conjugation was investigated. No clear trend was observed for the 
effect of salt concentration on the loading density of nanoprisms on PS beads, but the 
size of nanoprisms loaded PS beads clusters increased with the increasing salt 
concentration as evidenced by the increasing red shift of SPR of both nanoprisms and 
DLS size distribution. The fluorescence intensity of fluorescent PS beads was reduced 
by 78% due to quenching effects of the nanoprisms conjugated to PS beads.  
 A SERS substrate was fabricated by assembling the initially formed PS 
bead/nanoprism conjugates into a large 3D PS beads/nanoprism aggregates via 
annealing the conjugates below the Tm (78
º C), followed by slow cooling that 
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facilitated the long-range interaction between PS beads and nanoprisms. The average 
size of PS beads/nanoprism aggregates was found to be10-15 µM in diameter and each 
aggregate consisted of 20-50 beads, where a large density of nanoprisms are arranged 
on the PS bead surfaces in various directions with varying interparticle distances, 
leading to the formation 3D plasmonic fields with a high density of plasmonic hot 
spots. The presence of such a high-density of hot spots led to homogeneous and high 
SERS enhancement. SERS measurements of methylene blue probe molecules on the 
substrates demonstrated excellent SERS enhancement with a limit of detection as low 
as 10-10 M concentration of MB. We believe that the conjugation and self-assembly 
approach we demonstrated here could be utilized for a number of applications 
including negative fluorescence-based detection and SERS based molecular sensing.
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CHAPTER 6  
SYNTHESIS AND OPTICAL PROPERTIES OF GOLD 
NANOPRISM DIMERS AND TRIMERS 
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6.1 Introduction  
   In the quest for various novel plasmonic application, directed self-assembly 
emerges as a promising route to organize few nanoscale objects into small clusters 
known as ‘artificial molecule’. 287The surface plasmons of nanoparticle in these 
assembled molecule exhibits plasmonic hybridization similar to atomic orbitals.288 
This property prompts the design and construction of various artificial plasmonic 
nano-systems, giving rise to many intriguing phenomenon and emergent applications 
in plasmonic ruler,289 non-linear optics,290 and plasmonic lasers291. In particular, 
plasmonic Fano resonance has drawn significant attention due to its characteristic 
narrow and deep line shape and asymmetric spectral profile, which is inherently 
sensitive to the change in local dielectric environment.292-293 Moreover, Fano 
resonance shows a dark sub-radiant mode and bright-super radiant mode.294 These 
properties endow plasmonic metamaterials with Fano resonance many promising 
applications including high figure of merit (FoM) refractive index sensing,295 
electromagnetically induced transparency,296 light trapping,297 and energy storage298. 
Various plasmonic nanostructures such as non-concentric ring–disk cavities,299 metal 
nanoparticle oligomers,300 nanofilm,301 and nano-shells302 have been designed and 
fabricated to explore Fano resonance. In general, anisotropic nanomaterials with 
reduced symmetry are better suited to investigate Fano resonance. 294, 303 
 Various top-down lithography and bottom-up self-assembly approaches have been 
introduced for arranging nanoscale objects into plasmonic clusters known with high 
precision and tunable interparticle distance. High precision lithography in combination 
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with layer by layer stacking techniques have been used to place a single gold nanorod 
in between two pairs of nanorods for a 3D plasmonic ruler application.304 The 
combination of top down lithography and bottom up DNA-based assembly has also 
been reported to construct superlattices of nanoparticle heterotrimers, which exhibited 
solvent responsive broadband absorption.305 Additionally, the side-to-side and end-to-
end assembly of gold nanorods has been accomplished using several different self-
assembly approaches, including electrostatic306-307 and covalent interactions,125 and 
use of aromatic dithiol linkers.308 Despite the significant advances in the organization 
of nanoparticles into, the precise arrangement of anisotropic building blocks into 
composite plasmonic nanostructures on the nanoscale such as dimer and trimer 
remains a key challenge. 
 The use of DNA has been proven to be a powerful tool for directed assembly of 
nanoparticles to construct highly functional and ordered nanostructures.169, 216 As 
discussed in Chapter 4 and Chapter 5, the simple design rules and sequence specific 
interactions of DNA render unprecedented tunability that has been utilized for 
assembling nanoparticle building blocks into various 1D, 2D and 3D nanoparticle 
superstructures with different lattice symmetry and well-defined crystallization 
habits.29, 108, 170, 309-310 Moreover, the programmability of DNA bonds also allows 
tunability in the interparticle distance from 3 nm to above 130 nm by simply just 
changing the number of base pairs. In contrast to a diverse set of DNA based 
nanostructures that involve symmetric and dense DNA functionalization of 
nanoparticles, the study on asymmetric functionalization of nanoparticles that 
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facilitates the formation of plasmonic dimers and trimers of nanoparticles, in particular 
those of anisotropic nanoparticles has been very limited. The ability to introduce 
valency into anisotropic nanoparticles and construct designer novel complex 
plasmonic nanostructures would present a significant step forward in expanding the 
range of potential nanomaterials. 
 Here we describe a DNA-directed self-assembly of asymmetrically functionalized 
Janus gold nanoprisms to construct plasmonic dimers and trimers. We first 
functionalized the major facets of nanoprisms with DNA and PEG to create Janus 
nanoprisms. This asymmetric functionalization allowed nanoprisms to interact through 
only DNA-containing facets via Watson crick base pairing of complementary DNA 
sequences, as PEG containing facets don’t exhibit any interaction. We then 
characterized the assembly of nanoprisms into dimers and trimer with SEM and UV-
Vis spectroscopy.  
 Additionally, we also studied the plasmonic response of individual dimers and 
trimers by a combination of SEM, darkfield microscopy imaging and single particle 
hyperspectral spectroscopy. Single particle scattering spectra of dimers and trimers 
exhibit significant red shifts and reproducible spectral patterns, which possess a 





6.2 Results and discussion 
6.2.1 Design and synthesis of gold nanoprism dimers and trimers 
 The directed self-assembly approach for the synthesis of gold nanoprisms 
dimers and trimers was based on the DNA-mediated interaction of asymmetrically 
functionalized Janus gold nanoprisms ( see section 2.3.18 for details) .This 
asymmetric functionalization strategy allows facet selective DNA induced 
interactions leading to asymmetric assembly of nanoprisms, and resulted in the 
formation of gold nanoprism dimers and trimers in solutions. To accomplish facet 
selective interaction, we first synthesized Janus gold nanoprisms by controllably 
placing thiolated PEG on one facet and thiolated complementary DNA strands 
(adenine rich DNA-A and thymine rich DNA- A″ ) on the other facet of the 
nanoprisms. The non-reactivity of PEG surfaces and complementary DNA 
interactions between DNA-A in PEG | DNA-A and DNA-A″ in PEG | DNA- A″ 
Janus nanoprisms enabled the formation of nanoprism dimers and the interaction 
between DNA- A″ in DNA- A″ | DNA- A″ nanoprisms and DNA-A in PEG | 





6.2.2 Characterization of Janus nanoprisms 
 We synthesized two sets of Janus nanoprisms following literature precedent,165 










 Figure 6.1 shows UV-Vis spectra for the synthesis of Janus nanoprisms. The 
surface plasmon resonance maxima at 840 nm is redshifted by 14 nm after PEG 
functionalization on one facet of the nanoprisms and then another 11 nm after the 
attachment of DNA on the other facet. This is due to the change in the local 




























Figure 6.1: UV-vis spectra of nanoprisms before (blue) and after 
surface modification with PEG (dark red) and DNA (yellow). 
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6.2.3  Characterization of nanoprisms dimers and trimers 
 The formation of dimers and trimers was confirmed and characterized by SEM 
microscopy and UV-Vis absorption spectra. In order to accomplish nanoprism 
dimer synthesis PEG | DNA-A and PEG | DNA- A″ Janus nanoprisms were mixed 
in a DNA hybridization buffer in 1: 1 molar ratio. As illustrated in the SEM 
microscopy images the primary product for the reaction between equimolar Janus 
PEG | DNA-A and Janus PEG | DNA-A″ nanoprisms was dimers, Figure 6.2. 
However, there were also singlets, triplets and multiplets. From the SEM images, 
the yield of nanoprism dimers was estimated to be around 60%, which is 
comparable to the dimer assembly of other nanoparticles reported in the 
literature.145, 312-313 Control studies were carried out by allowing two sets of 
complementary nanoprisms coated with only DNA (DNA-A or DNA-A″) to react 
under the same experimental condition, Figure 6.3A, which resulted in the 
formation of 1D nanoprism stacks and taking PEG coated particles in DNA 
hybridization buffer, which didn’t exhibit any interaction, Figure 6.3B. 
Furthermore, the presence of mixed dual coatings (both PEG and DNA) instead of 
mutually exclusive Janus surface coatings i.e. either DNA or PEG, generated some 











 The lack of interaction for PEG coated nanoprisms and the face-to-face 
stacking of nanoprisms when the nanoprisms were densely and symmetrically 
functionalized with complementary DNAs indicates that dimers and trimers are 
formed through facet selective DNA interactions only. Additionally, the instance of 
cluster formation for mixed dual coating on the nanoprisms highlights the 
importance of efficient asymmetric functionalization of nanoprisms with either 
DNA or PEG on their two major facets for the formation of dimers and trimers. 
 While a good portion of nanoprism dimers possess a face-to-face orientation, 
there were also dimer populations with interstitial arrangement. This could be 
because of two reasons: first, the polydispersity of nanoprisms may cause uneven 
DNA-induced interactions between nanoprisms, and second, the presence of a 
mixture of PEG and DNA coatings, as compared to the presence of only either 
A B C 
Figure 6.3: Representative SEM images of control experiments. A) PEG coated 
nanoprisms, B) face-to-face stacking of DNA-A and DNA-A″ nanoprisms, C) 
cluster formation due to mixed PEG/DNA surface functionalization. 
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DNA or PEG coatings, on one of the major facets of some nanoprisms may have 
led to the formation of interstitial dimer configurations of nanoprisms. 
 The synthesis of trimers proceeds through DNA interaction between DNA-A″ 
coated nanoprisms (DNA-A″ | DNA-A″ nanoprisms) and Janus PEG | DNA-A 
nanoprisms. To generate trimer structures, we mixed DNA coated nanoprisms with 








Janus nanoprisms in a 1: 2 molar ratios. Figure 6.4 shows the representative SEM 
images of assembled face-to-face nanoprism trimers. As illustrated in SEM images, 
nanoprisms are arranged in a face-to-face configuration to form trimer structures, 
which lie down in direction perpendicular to the substrates (glass slides or TEM 
grids). The yield of trimers was found to be around only 30-40%, which is lower 
than that of dimers. The rest of the products in the assembly of nanoprisms trimers 
were singlets, dimers and clusters of nanoprisms. Similar to what was observed for 
the dimer assembly, there were both perfect face-to-face trimers and interstitial 
configurations of nanoprism interspersed among the trimer structures. 
 Figure 6.5 shows UV-vis absorption spectra for the formation dimers and 
trimers of nanoprisms. The surface plasmon resonance of nanoprisms redshifted 
and broadened after dimer and trimer assembly.  
The broadening might be due to the formation of small clusters of nanoprisms. 
Additionally, the assembly of dimers and trimers induced 30 nm and 50 nm red 
Figure 6.5: A) UV-Vis spectra of assembled gold nanoprism dimer, B) 
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shift in the SPR of the nanoprisms, respectively. The red shift is due to plasmonic 
coupling between neighboring nanoprisms in the dimer and trimer assemblies. 
6.2.4 Plasmonic properties of single nanoprim dimers and trimers  
 Next, we studied the optical properties of nanoprism dimers and trimers at the 
single particle level using a combined approach of hyperspectral imaging and SEM. 
To correlate single nanoprism dimers and trimers with their plasmonic response, 
we located single dimers and trimers on a glass slide with etched numerical 
markers and collected their scattering spectra by hyperspectral imaging. Figure 6.6 
shows representative SEM images of single gold nanoprism monomers, dimers and 
trimers as well as hyperspectral image of single gold nanoprism monomers, dimers 
and trimers marked with red rectangles and their corresponding scattering profiles. 
The scattering spectrum of monomer nanoprisms shows a single LSPR peak at 684 
nm. In contrast, the scattering spectrum for dimers and trimers exhibit two distinct 
LSPR modes, which are significantly red shifted compared to the LSPR of 
nanoprism monomers. The peaks at 850 nm and at 764 nm can be assigned as the 
low energy bonding dipole-quadrupole mode and high energy antibonding dipole-
quadrupole mode respectively. In addition, the trimer configuration shows weak 
higher order plasmon modes (see below). This could be due to the retardation or 
finite size effect as the quantum confinement or size dependence of dielectric 
coefficients becoming negligible.  
125 
 
           
Figure 6.6: A), B) & C) Representative SEM images of a single nanoprism, a 
nanoprism dimer and a nanoprisms trimer respectively; D) & G) 
Hyperspectral image of nanoprisms on a marked glass slide and the scattering 
spectrum of the particle marked with a red rectangle, respectively; E) & H) 
Hyperspectral image of a nanoprism dimer on a glass slide and the scattering 
spectrum of the particle marked with red rectangle, respectively ; F) & I) 
Hyperspectral image of a nanoprism trimer on a glass slide and the scattering 
spectrum of the particle marked with red rectangle, respectively. 
A B C 

























































































 The peak at around 850 nm in the scattering profile for both dimer and trimer 
is known as a bright super-radiant mode resulting from the constructive 
interference of their radiated fields.294, 314 More importantly, the scattering profile 
for both dimer and trimer reveal Fano type resonance with a characteristic narrow 
and asymmetric dip at around 817 nm known as a Fano minima. Fano resonance 
occurs through the interference between bright super-radiant and dark sub-radiant 
modes or coupling of bright super radiant mode to dark sub-radiant mode via near 
field interaction.315-317 
 Plasmonic nanostructures that exhibit strong Fano resonance can have a range 
of applications.300, 318 For example, these nanostructures can be used in nanoscale 
waveguiding. The propagation of surface plasmon polaritons along a chain of 1D 
nanostructures at their Fano minimum can generate highly dispersive and relatively 
scatter-free waveguiding. These structures can also find application as optical 
cavities, because a large amount of energy can be stored in the dark mode. More 
importantly, these structures are ideal for nanoscale LSPR sensing applications 
because of their higher sensitivity to the changes in geometry or surrounding 
environment than the primitive modes of the nanostructure.  
 To be able to reliably use the scattering spectrum of dimers and trimers as a 
readout for sensing, homogeneity and reproducibility in the plasmonic response in 
terms of spectral pattern and spectral shift are essential. Figure 6.7 shows the 
scattering spectra of 6 different dimer and 6 trimer constructs. The spectral pattern 
for both dimer and trimer constructs are consistent. The spectra contain two major 
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modes at the wavelength of around 764 and 850 nm, which are red shifted by 80 
nm and 164 nm respectively from the LSPS of the monomer nanoprism at 684 nm. 
Additionally, the spectra exhibit a narrow and asymmetric Fano dip.  
Figure 6.7: A) Scattering spectra of 6 single nanoprism dimers & 















































 These spectral shifts, which are dependent on the interparticle distance can be 
controlled by either changing the number of base pairs in the connecting DNA or 
solvent induced DNA bond contraction. Therefore, these dimers and trimers could 
potentially be used in plasmonic ruler applications. 
6.3 Conclusion 
  In Summary, we demonstrated a DNA directed self-assembly approach for the 
synthesis of gold nanoprism dimers and trimers in solution. Asymmetric PEG-DNA 
dual functionalization of nanoprisms restricted their interaction to only DNA 
containing facets of the nanoprisms while PEG containing surfaces didn’t interact, 
thereby affording the synthesis of plasmonic dimers and trimers. The plasmonic 
response of single dimers and trimers were studied using hyperspectral imaging 
combined with SEM. Both dimers and trimers exhibited reproducible spectral patterns 
and red shifts in LSPR, which are important for biochemical sensing based on an 
optical readout of the nano-constructs. Additionally, the scattering spectra of dimers 
and trimers showed a Fano dip at 817 nm induced by near field coupling of dark mode 
to bright mode. At the Fano minima, energy is stored in a dark mode. These findings 
highlight the potential of plasmonic nanoprism dimers and trimers for various 





CHAPTER 7  












7.1 Summary and conclusions 
 The work presented in this thesis focuses on the asymmetric surface 
functionalization and DNA guided assembly of nanoscale anisotropic building blocks 
for the fabrication of targeted nanostructures and their optical properties. A facile 
method was developed to controllably functionalize two major facets of anisotropic 
gold nanoprisms with distinct molecular coatings such as DNA and PEG/hexadecane 
to fabricate multifunctional Janus particles from an anisotropic core. While Janus 
particles have been known for quite a long time and various synthetic approaches have 
been reported for the synthesis of a diverse range of Janus particles, very little has 
been done on the synthesis of Janus particles from anisotropic cores. Two different 
anisotropic Janus gold nanoprisms, i.e. DNA | PEG and DNA | HexaD were 
synthesized by functionalizing one facet of the nanoprism with a thiolated DNA strand 
while the other facet was coated with thiolated hexadecane or PEG. DNA | HexaD 
Janus gold nanoprisms are amphiphilic and aligned themselves at the interface in a 
biphasic water/chloroform system and showed surface selective interaction to both 
hydrophilic and hydrophobic surfaces through the hydrophilic DNA containing facet 
and hydrophobic HexaD containing facet, respectively. Moreover, PEG | DNA Janus 
nanoprisms exhibited surface selective DNA-DNA interactions with spherical 
nanoparticles and asymmetric self-assembly through DNA containing facets. 
 Asymmetric functionalization of nanoprisms allowed the fabrication of targeted 
nanostructures such as dimers and trimers of gold nanoprisms. To synthesize dimers, 
two sets of Janus nanoprisms, PEG | DNA-A and PEG | DNA-A″ were synthesized 
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and mixed in a 1.1 molar ratio while nanoprisms trimer were synthesized by mixing 
Janus PEG | DNA-A with DNA-A′′ | DNA- A′′ in a 2:1 molar ratio. Optical properties 
of nanoprism dimers and trimers were studied at single particle level through 
hyperspectral imaging. 
 Moreover, we also explored the artificial directional interaction and shape effect 
of anisotropic nanoprisms to understand DNA-mediated hierarchical organization and 
crystallization of nanoprisms into 1D and 3D nanostructures. The dense layer of DNA 
ligand coatings drive the directional interactions between nanoparticles and leads to 
assembly with controlled symmetry. DNA-mediated interactions between 
complementary DNA strands anchored on the nanoprisms’ flat surfaces led to the 
formation of 1D columnar stacks of nanoprisms. The average size of 1D crystals was 
around 500 nm-1.2 µm. Melting analysis showed sharp melting transitions with a 
characteristic melting point at 68.5 ˚C, indicating the dense DNA functionalization of 
nanoprisms.  
 The formation of 3D superlattices of nanoprisms was achieved though long-range 
interactions between 1D stacks that was established by introducing thermal energy. 
The simplest and most common thermal annealing method to generate nanoparticle 
superlattices is to heat and hold the initially formed nanoparticle aggregates 2-4˚C 
below their melting transition point. When this thermal profile was applied and 
nanoprism 1D crystals were heated from 66˚C to just below the Tm of 1D stacks for 
several hours, 1D crystals gradually formed 3D superlattices with sizes ranging from 
5-15 µm in diameter. High magnification SEM images showed that 1D crystals were 
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assembled in both perpendicular and horizontal directions, resulting in highly 
polycrystalline nanoprism superlattices with crystal defects. The lack of highly 
ordered hexagonal and honeycomb nanoprism superlattices, as expected from self-
assembly of plate and rod type nanoparticles, could be attributed to highly 
polydisperse nanoprisms. Prior work demonstrated that colloidal crystals formed using 
DNA tolerate only 10% or less polydispersity in nanoparticle core size for forming 
discrete geometric structures. Another important factor for the long-range ordering of 
nanoprisms was the concentration of nanoprism dispersions. Although dispersions  of 
nanoprisms at low concentrations (below 2 OD) were able to generate 1D crystals, 
only a few 3D superlattices were formed for the same concentration of nanoprisms, 
even with extended annealing. A prior study has demonstrated that long range 
ordering of 1D stacks of triangular prisms occurs only when the concentration is 50 
µM.319 In this study, the initial concentration of the nanoprism dispersion was 2.4 OD 
for each complementary DNA pair for the formation of 1D stacks, which was then 
concentrated two fold before thermal annealing by spinning down using a centrifuge.  
 The applicability of 3D nanoprism superlattices as a plasmonic substrate was 
evaluated by measuring SERS and SEF enhancement of model compounds using 3D 
superlattices. The large number of closely arranged nanoprism arrays in the 3D crystal 
generated an ensemble of plasmonic hots spots, which gave rise to significant 
enhancement in SERS and SEF. The estimated SERS enhancement factor was 
2.91×106 for the SERS analysis of methylene blue with a low detection limit of 10-10 
M. We also assessed the reproducibility in the SERS signal using 3D superlattice by 
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statistical analysis of both spot-to-spot and sample-to-sample variation. While the 
calculated co-efficient of variation (CV) for sample-to-sample variation was only 
5.6%, indicating excellent reproducibility in the SERS performance of 3D superlattice, 
the spot-to-spot variation was as high as 28%. This was due to larger size differences 
of superlattices, which resulted in varying degrees of collective plasmonic response. 
We then investigated the crystal size effect on the SERS response and found that the 
larger the size of superlattices, the higher the SERS intensities. SEF enhancement was 
evaluated by photoluminescence analysis of Alexa Fluor Phalloidin 647. A maximum 
of 5.5-fold increase in PL intensity of the dye was observed on the 3D superlattices.  
 Finally, we studied the factors that affect DNA mediated interactions between 
nanoscale anisotropic gold nanoprisms and microscale polymer beads and DNA 
induced crystallization of nanoprisms coated PS beads. DNA mediated interaction 
between nanoprisms and PS beads generated nanoprism-coated single beads, dimers of 
beads and bead clusters (3-7 beads). The effect of solution ionic strength on the 
loading density of nanoprisms was also investigated. While no clear trend in the salt 
effect on the loading density of nanoprisms onto PS beads was observed, DLS size 
measurements showed that the size of bead cluster increased with increasing solution 
ionic strength. Furthermore, the plasmon resonance band of nanoprisms increasingly 
red shifted with increasing salt concentration. This is because higher ionic strength 
sufficiently screens repulsion between negative changed DNA strands and allows 
greater interaction between nanoprism loaded beads. 
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 Fluorescence emission spectra of PS beads before and after nanoprism 
immobilization showed that the Fluorescence intensity of PS beads dropped by 78% 
due to the quenching effect of nanoprisms, which could be explained as damping of 
the PS beads’ molecular dipole by the attached nanoprisms due to phase induced 
suppression of radiative decay rate of the fluorescent PS beads. Melting analysis of PS 
bead/nanprism conjugates showed sharp melting transitions with the characteristic 
melting point at 78˚C, while control experiments didn’t show any such thermal profile. 
This indicates the dense DNA functionalization of nanoprisms and PS beads and that 
de-hybridization of DNA stands anchored on the nanoprisms and PS beads resulted in 
the sharp melting transition. 
 Thermal annealing of PS beads/nanoprisms conjugates below Tm followed by 
slow cooling facilitated long range interaction between nanoprism-coated beads, 
which led to the formation of 3D PS bead/nanoprism aggregates. The average 
aggregate size was 10-20 µm, consisting of 20-50 PS beads. The applicability of 3D 
nanoprism/PS bead aggregates as a SERS substrate was investigated by the SERS 
measurement of a model compound, methylene blue, using the 3D substrate. While the 
Raman spectrum of MB on PS bead aggregates is masked by the autofluorescence of 
the PS beads, such fluorescence background was not observed for the 3D PS 
beads/nanoprisms aggregates and 3D PS beads/nanoprisms aggregates due to 
quenching of the PS beads’ fluorescence by the nanoprisms.  
 The presence of a large number plasmonic hot spots in the laser focal volume 
resulted in high SERS enhancement ( <105) with a low MB detection limit of 10-10M. 
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Analysis of spot-to-spot variation in the SERS signal showed that the average signal 
intensity at 1621 cm-1 for the PS bead/nanoprism aggregates was 3580.4 counts with a 
coefficient of variation (CV) of only 18 %, indicating good reproducibility of the 3D 
PS bead/nanoprism aggregates as a SERS substrate.  
7.2 Future Directions 
 Looking ahead to future work, the results and findings presented in this 
dissertation would enable numerous potential research investigations. In regard to 
Janus particle synthesis, the method we described here will be not only transferable to 
other isotropic and anisotropic nanoparticles, but also applied to other biomolecules 
such as proteins and peptides, and other polymeric coatings such as chitosan, 
dendrimers, poly(allylamine) and poly(styrenesulfonate) as surface coatings, which 
would allow the fabrication of more complex Janus particles. Moreover, initial cell 
studies showed that our DNA-coated nanoprisms are well internalized by the 
glioblastoma cells (Figure 7.1). It will be intriguing to study the difference in the 
cellular uptake of just DNA coated nanoprisms and Janus nanoprisms. Prior work 
demonstrated that the presence and spatial segregation of hydrophobicity and charges 
on Janus particle surfaces induces nanoparticles attachment more strongly to lipid 




 One of the major disadvantages of using a glass slides as a substrate for protecting 
part of nanoprisms for controllable dual coating was the low yield of Janus particle 
due to low surface area of glass slide. In addition, it’s cumbersome to handle glass 
slides. In order to increase the yield, we utilized the high surface area of glass wool 
and glass beads. Preliminary results show that the use of glass wool (1g) and glass 
beads (10g), whose surface area is 3 orders of magnitude larger than that of 10 glass 




Figure 7.1: A) & B) Dark field microscopy images of cellular internalization 











 Figure 7.2 shows the representative SEM images of glass wools, monolayer of 
nannoprisms on APTES functionalized glass wools and glass wools after lifting 
nanoprisms off the surface and Figure 7.3 shows the representative SEM images of 
glass beads, monolayer of nannoprisms on APTES functionalized glass beads and 
glass beads after lifting nanoprisms off the bead surface. While 10 glass slides 
generate only 1 mL of 0.5-1.0 OD Janus nanoprisms, both 1g glass wool and 10g glass 
beads produces 3-5 mL of 6-10 OD of Janus nanoprisms. However, it requires extra 
purification steps after lift-off from these surfaces. Future work could optimize the use 
of glass wool and glass beads instead of glass slides and focus on the mitigation of the 




Table 7.1: Comparison of surface areas of different glass substrates 
Materials Amount Surface area 
Glass slide 10 units 1.8×1014 
Glass beads 10 g 1.6×1017 











Figure 7.2: Representative SEM images of A) & B) monolayers of 
nanoprisms on APTES functionalized glass wools and C) glass 







Figure 7.3: Representative SEM images of A) glass beads & B) 
monolayer of nanoprisms on APTES functionalized glass beads 







 With respect to nanoprism dimers and trimers, an innovative drug carrier could be 
developed. For instance, replacing the inside DNA coating of dimers/trimers with a 
hydrophobic coating would allow the fabrication of a hydrophobic drug carriers, 
where light-responsive drugs could be loaded to interparticle spaces of dimers and 
trimers. Moreover, light scattering of single nanoprism dimers and trimers showed 
distinct plasmonic shift (80-160nm) and spectral patterns, which could find 
applications in highly sensitive biosensing. 
 One of the primary goals of this dissertation was to study the kinetics of 
nanoprism face-to-face assembly and control the length of nanoprism 1D stacks by 
capping the growth with the addition of Janus nanoprisms. While these were not 
accomplished in this thesis, the findings pave the way to study the kinetics and control 
the length of 1D stacks. Typically, particle assembly using DNA happens significantly 
faster than the process of particle crystallization, which makes the control of the length 
of nanoprisms stacks and study the assembly kinetics impossible. However, the DNA 
strands used in this study requires heating followed by cooling for the face-to-face 
assembly and the melting analysis shows the time window (Figure 7.4), when particle 
assembly occurs. By adding Janus nanoprisms at different time points within the time 
window of assembly, the length of nanoprisms stack could be controlled. Knowing the 
time window for nanoprism assembly would also facilitate the kinetic study of face-to-













 Furthermore, due to high confinement of electromagnetic energy, propagating 
surface plasmon polaritons along 1D nanostructures provides one of the best potential 
ways to construct next-generation circuits that can overcome the speed limit of 
electronics by using light. Therefore, the properties of propagating surface plasmon 
polaritons (SPPs) along 1D nanoprism stacks could find applications as nanophotonic 
circuits and nano-plasmonic waveguide circuits. 
 Regarding PS beads/nanoprisms conjugates, while we have been able to obtain a 
dense monolayer of nanoprisms on PS bead surfaces in this study, the consistency in 
uniform loading of nanoprisms onto PS beads was still lacking. Future work can fix 
the inconsistency by controlling the cooling rate during annealing to provide enough 




time window for consistently high-density coating of nanoprisms on the PS beads. 
While the majority of previous studies on polymer-nanoparticle conjugates was based 
on the loading of spherical nanoparticles onto polymer beads, this work documents the 
assembly of anisotropic nanoprisms. Future work could focus on the loading of other 
anisotropic shaped particles (such as rods, cuboids, rhomboids) or combinations of 
two or three different nanoparticles, which would allow the fabrication of more 
complex polymer-nanoparticle conjugates for SERS and nano-photonics.  
 The fluorescence quenching of PS beads by nanoprisms could be corelated to the 
concentration of DNA, which would facilitate the design and development of a 
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   APPENDIX A   
SYNTHESIS, CHARACTERIZATION, AND ASYMMETRIC 














Figure A1: Picture of a typical reaction vessel made up of cellulose acetate 















Figure A2: Representative SEM images of A) as synthesized gold nanoprism crude 
product, B) purified gold nanoprisms and an image of C) as synthesized gold 

























































Figure A5: A) Representative SEM image of gold nanoprisms face-to-face 
arrangement after heating, which retained its structure after drop casting on 
the TEM grid, B) Representative SEM image showing the lack of face-to-






   
Figure A6: Representative SEM image of a monolayer of nanoprisms on the APTES 












Figure A7: Representative STEM image of the conjugation of DNA-A′′ coated 




Figure A8: Additional STEM images of the conjugation of DNA-
A′′ coated nanospheres with PEG | DNA-A Janus nanoprisms. 
171 
 
                                  APPENDIX B                
ADDITIONAL SEM AND DARKFIELD MICROSCOPY 
CHARACTERIZATION OF NANOPRISM DIMERS, 





















        
  
Figure B1: Additional SEM images of 1D face-to-face 






Figure B2: Additional SEM images of 1D face-to-face 





Figure B3:  Additional SEM image of 3D hierarchical organization of gold 









Figure B4: Additional SEM image of 3D hierarchical organization of gold 





   200 nm 
Figure B5: Additional SEM image of 3D hierarchical organization of gold 





Figure B6: Additional SEM images of 3D hierarchical organization of gold 






Figure B7: Additional darkfield microscopy image of face-to-face stacking of 






Figure B8: Additional darkfield microscopy image of face-to-face stacking of 






Figure B9: Additional darkfield microscopy image of long-range DNA mediated 







Figure B10: Additional darkfield microscopy image of long-range DNA mediated 







Figure B11: Additional darkfield microscopy image of long-range DNA mediated 






Figure B12: Additional darkfield microscopy image of long-range DNA mediated 







Figure B13: Additional darkfield microscopy image of long-range DNA mediated 







Figure B14: Additional darkfield microscopy image of long-range DNA mediated 












Figure B15: Additional SEM images of PS bead/nanoprism 






















   200 nm 
Figure B16: Additional SEM image of PS 



















































    APPENDIX C 
ADDITIONAL SERS SPECTRA OF METHYLENE BLUE 
AND PL SPECTRA OF ALEXA FLUOR PHALLOIDIN 
647 ON 3D NANOPRISMS SUPERLATTICE AND 3D PS 
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Figure C7: SERS intensity of 10-4 M MB at 1621cm-1 from 5 different spots of 3D 










































Figure C8: SERS intensity of 10-4 M MB at 1621cm-1 from 5 different spots 













































































Figure C9: SERS intensity of 10-4 M MB at 1621cm-1 from 5 different spots of 3D 









































Figure C10: SERS intensity of 10-4 M MB at 1621cm-1 from 5 different spots 







































Figure C11: SERS intensity of 10-4 M MB at 1621cm-1 from 5 different 









Table C1: Statistical reproducibility analysis of SERS performance 
of 3D nanoprisms superlattice 
























































































































































































Raman shift ( cm-1) 
Figure C17: Additional SERS spectra of 10
-10
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